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ABSTRACT
Quantum dots (QDs) are considered as fantastic substitutes for organic dyes or ge-
netically coded proteins because of their outstanding optical properties including broad
absorption spectra, size tunable emission spectra, large extinction coefficient and supe-
rior resistance to chemical and physical degradation. They are now widely used in many
biological applications. However, QDs are generally synthesized using organometallic
approach and only soluble in organic solvents. To transfer QDs into aqueous solution,
we replaced their native ligands with a new group of water-soluble molecules based on
simple yet flexible dithiocarbamate chemistry. This cap exchange method offers QDs
not only solubility but also stability. We then investigate their applications in cellular
labeling and in vitro assay by making use of their unique optical properties.
To extend QDs application, we encapsulate them into amphiphilic polymers us-
ing micromixers (confined impinging jets reactor (CIJR) and multi-inlets vortex mixer
(MIVM)). They are much brighter than single QD and they can be potentially used in
optical barcoding. We are able to generate particles in a wide range of size from 90nm
to 800nm by exploiting single mixer or mixers in series.
1CHAPTER 1 GENERAL INTRODUCTION
1.1 Introduction
Fluorescence techniques are commonly used in biological applications including in
vivo and in vitro cellular targeting and imaging, molecular imaging, multiplexed analyses
because these methods are more sensitive, reliable, and have fast responses. To best
make use of this technology, an appropriate fluorescent marker is needed. Organic and
genetically encoded fluorophores generally have narrow absorption, broad emission [3]
and are vulnerable upon continuous irradiation by the light source which has limited
their applicability in some applications such as multiplexed measurements, long-term
imaging, and single molecule imaging among others. There is a need to develop new
fluorophores to overcome these problems. Quantum dots (QDs) are considered to be
excellent alternatives to conventional fluorophores due to their unique optical properties.
The diameter of QDs is within the range of 1-10 nm where the energy levels are
quantized rather than continuous. Within this size range, which is smaller than the
exciton Bohr radius, QDs cease acting like bulk materials because their charge carriers
(electron-hole pairs) are energetically confined in all three dimensions. This endows
QDs with size, shape, and composition-dependent physical/optical properties. Unlike
conventional fluorophores, QDs have broad absorption spectra (QDs of multiple colors
can be excited by a single light source), narrow, symmetrical and size-tunable emission
spectra (where it is easy to distinguish one QD population from another, as shown in
Figure 1.1), high resistance to physical and optical degradation (suitable for long-term
2Figure 1.1 Absorption and emission of six different QD populations
imaging), high extinction coefficients, and quantum yields (bright enough for single
molecule measurement), and long fluorescence lifetimes (easy to distinguish QDs signal
from background autofluorescence). As a result, these nanocrystals have been used
broadly in fields ranging from clinical diagnostics [4–6] to photovoltaics [7, 8].
QDs are generally synthesized in organic solvents and are therefore soluble only in
non-polar solvents. It is critical to render QDs water-soluble through modification of
their surface so that they can be used in biological applications. This is very challenging
because the chosen ligand should be able to preserve the QDs’ superior optical properties
as well as stabilize them in aqueous solution. Moreover, to expand their applications,
the ligand should maintain their intrinsically small sizes and offer good dispersity into
different buffers (i.e., buffers with low pH and/or high ionic strength) and biological
matrices. Thiolated molecules including monothiols and bidentate thiols are among the
most popular ligands which offer QDs solubility in polar solvents. Although bidentate
thiol based ligands (dihydrolipoic acid [9] and dithiothreitol [10]) have been proven to
3be stable ligands for long-term water solubility, they fail to preserve the high quantum
yield of QDs and they tend to aggregate in acidic solution and buffers with high ionic
strength. Conversely, polymer-based ligands (polymerized silica [11, 12], amphiphilic
polymers [1, 13]) maintain the QDs’ optical properties and improve their stability in
buffers [14], but they dramatically increase the sizes of QDs and the process is generally
laborious and costly. In summary, these existing ligand exchange procedures which result
in inferior water-soluble QDs are often inadequate for use in biological investigations
due to a variety of reasons: short-term stability, cell toxicity, poor luminescence, and
pH instability.
To solve these issues, our group has developed a new group of ligands which based on
dithiocarbamate (DTC) chemistry to solubilize QDs in aqueous media while maintaining
their high luminescence and small size. The DTC ligand forms immediately once pri-
mary or secondary amine precursors are exposed to carbon disulfide (CS2). Therefore,
theoretically, any molecules/polymers that have primary or secondary amine groups are
candidate ligands, which provides exceptional flexibility. The amine precursors we have
focused on are mainly amino acids because they are commercially available, biocompati-
ble, and have low molecular weights which can preserve the small sizes of QDs. The most
appealing fact about these amino acids is their bio-functional groups including carboxyl
(-COOH), thiol (-SH), amine (-NH2), and imidazole (-C3H4N2) which are ready to con-
jugate to biomolecules without further modifications. Another interesting finding is that
these amino acid-capped QDs can be either pH-insensitive or pH-sensitive based on the
side chain group of the amino acids which holds some advantage over traditional capping
ligands. Given the vast diversity of ligands available using this chemistry, we investi-
gated a new group of QDs’ capping ligands and assessed their feasibilities in different
bio-applications including molecular sensing, cell labeling, and diagnostics.
In a second phase of this work, we investigated a new method to embed QDs into
stabile polymer nanoparticles using micro-reactors. The conventional approaches to
4encapsulate in nanobeads or microbeads are through direct mixing[15, 16], heteroge-
neous polymerization [17, 18], and in situ formation of QDs [19, 20]. However, the
QD-embedded particles made using these existing methods are end up with low loading
capacity, fluorescence quenching, and broad size distribution. We were able to encapsu-
late QDs into amphiphilic block copolymer micelles based on the technology called flash
nanoprecipitation which requires that mixing time be much smaller than aggregation
time; this technique was first reported by Johnson and Prod’homme[2]. The particles
made by flash nanoprecipitaion typically have very narrow size distributions.
The microreactors we used in this study have very short residence times (in the
millisecond range) which meets the criteria of flash nanoprecipitation and they realize
homogenous mixing once the Reynolds number is above a threshold value. We were able
to obtain QD-embedded nanoparticles with a wide range of size (90-800 nm) by control-
ling the solvent to non-solvent ratio, addition of homopolymer, and using microreactors
in series. The overall objective of this research is to produce new materials and methods
that fundamentally expand the use and functionality of luminescent nanoparticles in
practical biological applications. It is well-known that surface interactions influence the
unique properties of quantum dots which is more pronounced in aqueous media. We
focus on designing new surface-bound ligands that provide enhance stability, molecular
diversity, and electronic passivation to QDs.
1.2 Objectives
The overall objective of this research is to generate a new family of quantum dot cap-
ping ligands for improved stability and electronic passivation of luminescent nanocrys-
tals. Dithiocarbamate (DTC)-based chemistry is a promising and flexible platform for
producing a diverse set of ligands that have superior characteristics over existing lig-
ands generally derived from monothiols and dihydrolipoic acid (DHLA). This simple
5tailored chemistry allows us to functionalize high quality QDs with an expanded choice
of suitable chemical ligands, which will be finally realized in a host of new applications.
Another approach of water-solubilizing QDs is to encapsulate them into polymer
micelles. Our goal is to precisely tune the particle size by adjusting parameters during
the mixing and eventually assess the possibility of its application in optical barcoding.
6CHAPTER 2 LITERATURE REVIEW
2.1 Quantum Confinement in Semiconductors
The band gap generally refers to the energy difference between the top of the valence
band and the bottom of the conduction band. In bulk semiconductor materials, only a
small percentage of electrons may occupy the conduction band and the most of them are
in the valence band. Enough energy is needed for an electron to jump from the valence
band to the conduction band. Once they are stimulated by outside source such as heat,
voltage or photon flux, some electrons which stay in the valence band might be excited
to the conduction band and leave positively charged holes in the valence band. The pair
of an electron and a hole is called exciton and the distance between them is termed as
exciton Bohr radius. In bulk, the energy levels are so close to each other that they can
be treated as continuous. Because of this, the band gap energy of bulk semiconductor
material of a given composition is fixed. Semiconductor nanocrystals whose size range
is in sub-10 nm are called quantum dots. In this size range, the energy level of quantum
dots should be considered as discrete instead of continuous which is called quantum
confinement and the small size will not allow the exciton extend to its natural limit. In
this situation, the quantum dots stop acting like their bulk material but more like atoms.
Therefore, they are called “artificial atoms”. Since the band gap energy is determined
by the size and the materials of the QDs, the QDs’ physical properties can be tuned in
a controlled way which gives lots of flexibilities to the researchers. The smaller the size
of QD is, the larger the spacing between the energy levels is and thus more energy is
7needed to bring the electron from the valence band to the conduction band.
2.2 Synthesis of Quantum Dots
2.2.1 Core Synthesis
The cores of quantum dots (QDs) are made of periodic groups of II-VI (CdSe, CdS,
CdTe, ZnSe), III-V (GaAs, InAs, InP), IV-VI (PbS, PbSe, PbTe, SnTe), hybrid (PbS,
PbSe) or I-VII (CuCl, CuBr) materials. These materials almost cover the whole range
of emission wavelength from UV to infrared. The first synthesis protocol of highly lu-
minescent quantum dots was reported by Bawendi and coworkers in 1993 [21]. CdSe
is commonly used because the synthesis is well-developed [22] and it covers the visible
range which matches the detection range of most fluorescence detectors and imaging
devices including CCD cameras, photomultiplier tubes (PMT), among others [23]. The
production of QDs was carried out by quickly injecting cadmium and selenium precur-
sors into organic coordination solvent (usually are mixture of long-chain alkylphosphines,
alkylphosphine oxides and alkylamines) at high temperature (∼150◦C- 350◦C). The in-
jected regents will go through four processes and they are nucleation, growth from so-
lution, Ostwald ripening and saturation [24]. The rapid injection speed instantaneously
raises the precursor concentration above the threshold of nucleation. Once the concentra-
tion of the precursors is below that threshold because of consumption of the nucleation,
no new nuclei form and the formed quantum dots start to grow. If the reactants are
still kept at high temperature, the quantum dots will undergo a second, distinct, growth
phase called Ostwald ripening. The Ostwald ripening is a thermodynamically-driven
spontaneous process and during this process large particles are more energetically fa-
vored than small particles. Thus, the molecules on the surface of small particles will
tend to detach and diffuse through the solution and then attach on the surface of large
particles, which cause the shrinking of small particles and enlarging of large particles.
8As a result, the average size of quantum dots will getting larger overtime until saturation
with a compensation of size distribution under growth temperature. Shorter alkyl chains
of coordinating solvent reduce the temperature for controlled growth [21]. If the heat is
removed after the injection and the reactants are quickly cooled below 100◦C, the size
distribution will be largely determined by the injection speed. Usually the nanocrystals
are allowed to anneal overnight after cooling during which size distribution of QDs will
become more uniform. Synthesized QD cores are usually dispersed into non-polar sol-
vent such as butanol, hexane, toluene and chloroform. The presence of alkylphosphine
oxide can prevent these colloid particles from attracting each other by van der Waals
forces which can be exploited in narrowing the size distribution [21]. During the purifi-
cation step, anti-solvent (methanol or acetone) is used to remove excess organic ligands
and serve a role as a size selector. The anti-solvent is more polar than the solvent that
used to store QDs. Thus, the addition of anti-solvent increases the average polarity of
the solvent which causes QDs to flocculate and the alkylphosphine oxide coating lose its
function of sterical stabilizer. The largest QDs experience the greatest van der Waals
attractive force so they start to aggregate and then precipitate. While the smaller QDs
will stay in the supernatant. Changing the ratio of the solvent to anti-solvent will help to
achieve the desired size fraction. But this method has to be used with caution. Because
it may decrease the photoluminescence (PL) quantum yield (QY) of QDs and QDs may
lose their solubility if it is repeated several times [25]. This size-selection step can be
substituted by adding Hexadecylamine (HDA) as coordination solvent during the syn-
thesis, as reported by Talapin et al. [26], it can narrow down the size distribution as
well. They also pointed out that the ratio between tri-n-octylphosphine oxide (TOPO)
and HDA could affect the initial nucleation size and growth rate.
Throughout the core synthesis, there are lots of parameters affecting nanocrystals’
shape, growth dynamics. Peng’s group [25] reported that the ratio of cadmium (Cd)
precursor to selenium (Se) precursor could largely affect the QY and the full width at half




Dodecylamine CH3(CH2)10CH2NH2 < 230
◦C zinc blende CdSe
Octadecylamine CH3(CH2)16CH2NH2 > 270
◦C wurtzite CdSe
Hexadecylamine CH3(CH2)14CH2NH2 250-320




Table 2.1 The effect of chain length of the amines and reaction temperature
on the crystal structure.






Table 2.2 Photophysical properties of different core materials.
maximum (FWHM) of the PL peak. As the initial Se:Cd ratio of precursors increased,
during the initial phase of the reaction, the minimum of the PL FWHM decreased
and the maximum of the QY increased. In addition, the ratio of precursors also leads to
different required reaction time to reach the maximum QY. Increasing the Cd:Se ratio of
precursors, using higher monomer concentration and less reactive precursors encourages
nanocrystals grow to a desired elongated shape instead of forming spheres (QDs) [27, 28].
The crystal structure is determined by the reaction temperature and the chain length
of the amines (coordination solvent) (as shown in Table 2.1 [21, 29]).
Except CdSe, other core materials including CdS, CdTe, InP, InAs, PbS and PbSe
using similar synthesis method as that of CdSe has been reported [30–33]. The photo-
physical properties of these materials are shown in Table 2.2 [34]. Other than using this
organometallic method, other approaches such as cluster route and microwave enhanced
reaction for nanoparticle synthesis are also carried out by some groups [35, 36].
There are quite a few techniques that can be employed to reveal the size, shape, and
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internal structures of these nanocrystals. They are transmission electron microscopy
(TEM), wavelength dispersive x-ray (WDS) spectroscopy, x-ray photoelectron spec-
troscopy (XPS), small-angle x-ray scattering (SAXS), and wide-angle x-ray scattering
(WAXS) [37]. For simple size estimation, it can be calculated by their wavelength at
the first excitonic absorption peak based on the empirical fitting functions of the sizing
curves. Taking spherical CdSe QDs as an example, their size can be calculated by [38]:
D = (1.6122×10−9)λ4− (2.6575×10−6)λ3+(1.6242×10−3)λ2−0.4277λ+41.57, (2.1)
where D is the mean QD diameter in nm and λ is the peak emission wavelength in nm.
2.2.2 Epitaxial Growth of Shell
Capping the QD cores with wider band gap shells can protect them from oxidation
and degradation. Moreover, the core-shell QDs often exhibt higher quantum yield than
core-only QDs. This is because the shell layers passivate most of the vacancies and trap
sites on the core surfaces [37] which prevents the non-radiative recombination of the
electron and the hole. Although modification of cores with alkylamines can also serve
as protection [21, 26], the shell growth method seems more common and does a better
job with passivation [39].
The overcoating process is usually implemented in TOPO at relatively lower temper-
ature compared to the core synthesis. The shell growth temperature is very critical and
it depends on the size of the core. If the temperature of the shell growth is close to that of
the core growth or too high, the size distribution of the cores deteriorates due to Ostwald
ripening and the shell precursors might undergo nucleation instead of heterogeneously
grow around the core. But if the temperature is too low, the formation of the shell will
be affected which leads to imperfect passivation of the core surface [37, 40, 41]. The
slow addition rate of the precursor is also required to prevent its concentration in the
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reaction vessel reaching the threshold for homogeneous nucleation. The number of shell
layers is controlled by the amount of precursors added. Although more layers seem to
offer the core better protection, they tend to distort the shape of the core due to lattice
mismatch. Dabbousi et al. found that the quantum yield (QY) of (CdSe)ZnS core-shell
QDs reached the maximum value for ∼1.3 monolayers of ZnS around the CdSe core
and then decreases at higher coverage. They attributed this to lattice mismatch (12%)
which leaded to incoherently shell growth. To improve this, Talapin and co-workers [42]
inserted a middle shell CdS or ZnSe between CdSe core and ZnS shell. Because lattice
parameters of CdS and ZnSe are closer to that of CdSe than ZnS which reduces strain
inside nanocrystals. Compared to (CdSe)ZnS core-shell quantum dots, ZnS shell grows
nearly defect free in the existence of the middle shell (CdS).
2.2.3 Aqueous Solubilization
Since QDs are synthesized in nonpolar organic solvents, they are not soluble in aque-
ous solution. To make them suitable in biological applications, the hydrophobic ligand
(TOPO or TOP) around the QDs should be replaced with other ligands which would
help QDs to achieve biocompatibility. An ideal water-soluble ligand should meet the
following requirements: 1) offers QDs stability and solubility in biological buffers; 2)
maintain their high resistance to photobleaching and other photo-physical properties;
3) has functional groups which are able to conjugate to biomolecules; 4) maintain their
naturally small sizes. The dispersibility of QDs in water can be obtained by either
electrostatically stabilization through capping exchange with small charged ligands or
sterically stabilization through coating with polymers [43]. Both of these methods have
their pros and cons and thus they should be chosen with caution. Small charged lig-
ands can maintain QDs small sizes. However, QDs with these charged ligands tends to
aggregate in buffers of high ionic strength and they will be sensitive to the change of
pH. Additionally, using this method will increase the possibility of non-specific binding
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in biological matrices. Although coating with polymers can avoid these problems, QDs’
final sizes are increased three to four times [44, 45] by conjugating with these bulky
polymers which might prevent the cell uptaking.
In 1998, two groups, Alivisatos’s group [11] and Nie’s group [46] developed the first
hydrophilic quantum dots. Alivisato and co-workers used silica to render (CdSe)CdS
core-shell QDs water soluble, while Nie’s group coated (CdSe)ZnS core-shell QDs with
mercaptoacetic acid through the affinity between thiol and zinc. Since then, other mono-
thiol ligands such as mercaptopropionic acid [47, 48], cystamine [43], cysteine [49] and
cysteine residues [50] have been used to provide QDs’ water-solubility. However, these
mono-mercapto ligands coated QDs have very short shelf life (usually <1 week) due to
the weak bonding between the mono-thiol and the outmost shell layer of the QD [51].
Although some improvements are observed by either increasing the hydrocarbon chain
length (e.g. mercaptoundecanoic [52]), adding excess thiolated ligands [53] or optimizing
the cap exchange process [54, 55], clearly monothiols have significant limitations due to
the dynamic binding mechanism [4]. Recognizing this, Mattoussi et al. [9] developed
a bidentate thiol species dihydrolipoic acid (DHLA) which elongated the shelf life to
1-2 years. Nonetheless, DHLA is not able to preserve the high luminescence of QDs
due to its lower density on the nanocrystal surface. Moreover, these negatively charged
DHLA-capped QDs are only stable in basic solutions (pH ≥ 7) and it may cause non-
specific binding to positively charged protein for in vivo or in vitro cellular applications.
To avoid this, the carboxylated DHLA-capped QDs can be further modified to have
various functional groups which can serve for different purposes [56]. Except for the
DHLA and the modified DHLA, other bidentate thiols such as dithiothreitol (DTT) [10],
carbodithioic acids [57], dithiocarbamates [58, 59] and thiol-modified β-cyclodextrin [60]
have been successfully used as QDs’ ligands. But unfortunately, none of these is able to
keep QDs’ high luminescence and their small sizes at the same time.
The other class of water-solubilization approach is to coat QDs with polymers in-
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cluding amphiphilic polymers11 [44, 61], and siloxane polymers [12]. The encapsulation
methods of these two kinds of polymers are different. Siloxane polymers replace the hy-
drophobic coordination ligands on the QDs surface while amphiphilic polymers use these
as binding intermedia. These polymers stabilize the QDs in a wider range of pH solution
and preserve the brightness of QDs, but result in considerably increased sizes [22].
2.3 Optical Properties of Quantum Dots
2.3.1 Absorption and Luminescence Spectroscopy
Due to the quantum confinement, quantum dots have many unique optical properties.
Compared to their bulk materials, which have pretty uniform absorption spectra, these
nanocrystals’ absorption reflects the overlapping peaks of discrete energy levels and gets
larger at shorter wavelength. The first exciton peak, also referred to as the absorption
onset, indicates the lowest excited energy state and it depends on the composition and
size of the quantum dot. Smaller quantum dots result in a first absorption peak at
shorter wavelength. Their rather broad absorption spectra enable different sizes of QDs
to be excited by only a single source.
The emission spectra of QDs are narrow and symmetrical which makes it easy to
distinguish one color of QD from another color of QD. The full width at half maximum
(FWHM) of a single (CdSe)ZnS quantum dot’s emission spectra could be as narrow as 13
nm at room temperature [46]. QDs’ emission wavelength can be tuned from UV to near
infrared by changing their composition and size. The shape of the QDs also has effect
on the emission spectra. Hu et al. [62] discovered that quantum rods (elongated shape)
showed linearly polarized emission, while spherical CdSe QDs’ emission is circularly
polarized or non-polarized [63, 64].
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2.3.2 Quantum Yields
When a fluorophore absorbs a photon of light, an electron will jump to its excited
state and eventually relax to its ground state by various competing pathways. In addition
to emitting a photon which referred as fluorescence, it may undergo internal conversion
or vibrational relaxation (non-radiative relaxation pathways) which will release heat
to the surroundings. It may also relax via intersystem crossing to a triplet state and
subsequent non-radiative relaxation. The emitted energy is typically smaller than the
absorbed energy which is termed as the Stokes shift [65].
The fluorescence quantum yield (ΦF) is the ratio of the number of the absorbed
photons to the number of the emitted photon. In other words, it evaluates the possibility
of the relaxation from excited state to the ground state by fluorescence rather than any
other non-radiative relaxation. The most reliable method for measuring ΦF is to use a
well-characterized fluorophore with a known ΦF value as a standard and it is reported
by William et al. [66] If the absorbance of both standard sample and test sample at the
same excitation wavelength can be measured, ΦF of the test sample can be found given
the ΦF value of the standard sample. This process may be challenging considering the
following problems: the presence of concentration effects (the Beer’s law is not applicable
once the sample is too concentrated); the solvent effects (the refractive index) and the
accuracy of the ΦF value of the standard sample. These problems can be solved by
using low concentration (the maximum absorbance at and above excitation wavelength
should be below 0.1 if using 10 mm path length cuvette [67]), including the refractive
index value into the calculation and cross-calibrating the standard sample with another.










where the subscripts ST and X denote standard sample and test sample respectively,
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Φ is the fluorescence quantum yield, Grad is the gradient from the plot of integrated
fluorescence intensity versus absorbance, and η is the refractive index of the solvent.
Using gradient instead of simply divided integrated fluorescence by absorbance is to
ensure linearity over the measured concentration range. It is worth to mention that the
standard sample should be chosen to ensure they absorb at the excitation wavelength
of choice for the test sample and emit in a similar region to the test sample.
According to Beer-Lambert law (A = lC, where A is the absorbance,  is extinction
coefficient, l is the path length of the cuvette and C is the concentration), within a low
concentration range, the absorbance is proportional to the concentration for a certain
fluorophore. For the same concentration, the higher the extinction coefficient of the
fluorophore is, the more light it is able to absorb. Quantum dots (QDs) have much
larger value of the extinction coefficient (105 - 106 M−1cm−1 at first absorption peak,
increasing toward UV wavelengths), compared to that of organic dyes (2.5 × 104 - 2.5
× 105 M−1cm−1). Consequently, QDs are estimated to be up to 20 times brighter than
traditional fluorophores [46] although their quantum yield might be generally lower than
some of the best organic dyes.
2.3.3 Quantum Dots versus Organic Dyes
A suitable fluorophore should meet the following requirements [43]:
1. Bright, which requires the fluorophore has high quantum yield and high extinction
coefficient at the excitation wavelength.
2. Conveniently excitable, it can be excited at a certain wavelength that will avoid
auto-fluorescence and the emitted fluorescence can be detected by conventional
instrumentation.
3. Soluble and stable in relevant medium which means it should not aggregate or
precipitate even the condition changes (e.g. changing pH, salts).
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4. High photo-stability and high resistance to photo and chemical degradation.
5. Can be functionalized to label specific site.
6. The ability to deliver itself into cells through passive or facilitated delivery.
7. Suitability of the fluorophore for multiplexing.
As mentioned above, QDs have rather high extinction coefficient which is about
10-100 times higher than organic dyes [14, 69] and even much higher during UV excita-
tion. This along with QD’s high photo-stability gives it an advantage in single molecule
experiment. Since QDs have broad absorption spectra, large stokes shift and narrow,
size tunable emission spectra, it will be pretty easy to choose an excitation wavelength
that can minimize the excitation or any autofluorescence background and simplified the
multiplexed measurement. Compared to organic dyes, QDs have very long fluorescence
lifetime (∼100 times higher) [43]. This allows time-gated detection which could dis-
tinguish their signal from the background (autofluorescence usually have much shorter
lifetime). In terms of the solubility, of course, there are plenty of commercially available
dyes that are able to be soluble in relevant media. However, QD’s solubility can be
also tuned by modification of their surface ligands (more detail about surface ligands
has already been talked about in section 2.2.3). Although the photostability of organic
dyes such as Alexa dyes [70, 71] have already been improved than the first generation
fluorophores, their applications are still limited by long-term imaging and high intensity
of excitation source. In contrast, QDs have very high resistance to photo- and chemical-
degradation. As Figure 2.1 shows, only compartments that labeled with QDs survived
after 120 seconds continuous illumination. With the improved surface passivation of the
coating ligand, the stability of QDs is increased even more.
The advantage of using organic dyes to label biomolecules is the huge amount of
well-established labeling protocols and the small sizes which minimizes the interference
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Figure 2.1 Top row: Nuclear antigens were labeled with QD 630-strepta-
vidin (red), and microtubules were labeled with Alexa Fluor 488
(green) simultaneously in a 3T3 cell. Bottom row: Microtubules
were labeled with QD 630-streptavidin (red), and nuclear anti-
gens were stained green with Alexa 488. Continuous exposure
times in seconds are indicated [1].
with biomolecule interaction. But the issue is the small size can also cause high label
density which will result in fluorescence self-quenching and the site-specificity is still
hard to achieve [72, 73]. The surface of QDs can be designed to conjugate to various
biomolecules (the binding approaches will be provided in the next section). Since QDs
are relatively larger than most of the biomolecules, several biomolecules even proteins
can be attached to single QD. This will largely increase the binding affinity to a cer-
tain desired site [74]. In addition, multi-sensing and targeting can be accomplished at
the same time if multiple different biomolecules with separate function attach to one
QD [6, 75]. Organic dyes generally have narrow absorption spectra and red tails in their
emission spectra (Figure 2.1) which limit their application in spectral multiplexing. The
comparison of emission spectra of QDs and organic dye (Rhodamine 6G) is shown in
Figure 2.2. The narrow and symmetrical, size tuned emission spectra of QDs show
excellent advantage over organic dyes for multiplexing measurement.
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Figure 2.2 Comparison photoluminescence spectra of Rhodamine 6G and
QD554 and absorption spectrum of Rhdomaine 6G.
2.4 Bio-applications of Quantum Dots
2.4.1 Conjugating Quantum Dots to Biomolecules
To enable the use of QDs in a wider range of bio-application, all of the preceding
methods require a route for attaching biomolecules stably onto the QD surface. A suit-
able ligand candidate should allow attachment of a diversity of biomolecules including
nucleic acids, proteins (avidin/streptavidin, albumin, adaptor proteins, and antibodies),
polysaccharides, and peptides. Biomolecules are commonly conjugated to QD surfaces
through the following approaches: 1) covalent crosslinking: link the carboxyl groups
on the QD surface to amines by the use of 1-ethyl-3-(3-dimethylaminopropyl) carbodi-
imide (EDC) [1] or N-hydroxysulfosuccinimide (NHS) [76], which crosslinks amine and
sulfhydryl groups through using maleinimide-catalyzed coupling; 2) thiolated peptides
(cysteine residues) [77, 78] can be directly conjugated to the QD surface through the
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affinity to ZnS shell layer; 3) adsorption or non-covalent self-assembly using engineered
proteins (positively charged domain, polyhistidine (HIS) residues [79, 80]) [9]. Owing to
the large surface area-to-volume ratio, several biomolecules over varying types can be
attached to a single QD where each of these biomolecules provides a desired function [6]
which grants single QD multi-functionality.
2.4.2 Fluorescence Resonance Energy Transfer
Fluorescence resonance energy transfer (FRET) has been widely used in bio-applications
because its favorable distances (20-90 A˚) for energy transfer [65]. This technique is com-
monly used to assess the precise location and interactions between two specific molecules
which cannot be evaluated by conventional instruments due to their limited resolution
(> 200 nm).
The energy of one excited fluorophore (donor) can be absorbed by the other nearby
fluorophore (acceptor) through non-radiative dipole-dipole interaction if the emission
spectrum of the donor overlaps with the absorption spectrum of the acceptor. The
FRET efficiency is the fraction of photons absorbed by the donor which are transferred
to the acceptor and it is given by [65]
















where FDA is the PL intensity of the donor in the presence of the acceptor; FD is the
PL intensity of the donor in the absence of the acceptor; R0 is the Fo¨rster distance at
which the FRET efficiency is 50%; r is the distance between the donor and the acceptor;
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κ2 is the relative orientation factor in space of the transition dipoles of the donor and
acceptor and it is usually assumed to be equal to 2/3 for a random orientation; QD is the
quantum yield of the donor in the absence of the acceptor; NA is Avogadro’s number;
n is the refractive index of the medium; J(λ) is the spectral overlap integral of donor
emission and acceptor absorption; FD(λ) is the corrected fluorescence intensity of the
donor in the wavelength range λ to λ+∆λ with the total intensity (area under the curve)
normalized to unity and A is the extinction coefficient of the acceptor at λ. Once the
donor and the acceptor pair has been chosen, the value of R0 is a constant and according
to equation 2.2, the distance between the donor and the acceptor can be calculated by
measuring the quenching percentage of the donor’s PL intensity, i.e., FRET efficiency.
To optimize the FRET measurement condition, it is very important to choose suitable
donor-acceptor pair and ensure distance between them is within the optimal range (the
closer to R0, the better) in order to obtain better resolution.
Quantum dots can be excellent donor considering their high quantum yield and high
surface area-to-volume ratio which greatly increases FRET efficiency by attaching several






where n is the number of acceptors per donor. It should be noted that the distance
calculated by the above equation represents a statistical average distance between the
donor and the acceptor in a given solution [82]. The other advantage over organic
dyes is their unique optical properties. Broad absorption makes selection of excitation
source pretty easily and minimizes the background owing to the direct excitation of the
acceptor. Furthermore, QDs’ emission can be size-tuned to largely overlap with a given
acceptor dye. As a consequence, QDs are pretty competitive as a substitute for dyes in
FRET, although their sizes are relatively larger.
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Since FRET is very sensitive during 1-10nm range, it can be used to probe the
molecular level rearrangement (conformational change in protein and oligonucleotide in
response to biological stimulus), protein-protein interactions and ligand-receptor bind-
ing [3, 65, 83]. Normally, FRET-based sensing is relying on displacing dye-labeled (or
quencher) analyst which is attached to the QDs with other non-labeled species or vice
versa. As a result, the changing of FRET rate can be observed. For example, enzymatic
proteolysis was monitored by measuring the change of FRET rate between the QDs and
attached dye-labeled protein following the cleavage of protein due to the protease [84].
Although QD’s long fluorescence lifetime, broad absorption spectrum and high ex-
tinction coefficient limit its role as an FRET acceptor for organic dyes, Clapp et al. [85]
found that FRET between donors which have extremely long fluorescence lifetime and
QD acceptors can be observed. This indicates that the lifetime of the donor is a limiting
factor in FRET. Other groups [86–89] proved the occurrence of FRET using QD as an
acceptor as well.
FRET can occur among QDs if one of the QDs’ emission overlays with the other’s
absorption and it was observed by Kagan et al. [90] They proved this phenomenon by
measuring the lifetime change of both of the donor QD and the acceptor QD. Chen et
al. [91] made use of this to sense the potassium ions. The existence of K+ leaded to the
aggregation of the nanocrystals and therefore encouraged FRET happening.
2.4.3 Optical Coding
Multiplexed optical coding is very useful in gene expression profiling, drug discovery,
DNA sequencing, clinical diagnostics among other applications [92]. This technique is
able to target a large number of different biomolecules at the same time where each
biomolecule has its own fluorescence signature. This technique is achieved by using
multiple intensities (n) and multiple colors (m) where the number of unique “codes”
can be increased exponentially (nm − 1) if used at the same time [15]. However, the
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actual number of codes is always lower than the theory due to the emission spectra
overlapping, fluorescence intensity variations, and signal-to-noise requirements. The use
of organic dyes in multiplexed optical coding has already been realized by some research
groups [92–94] but it is limited by their broad emission spectra, narrow absorption and
low brightness which dramatically decrease the applicable number of codes. In this case,
QDs possess significant advantages over organic dyes. Their broad absorption enables
them to be excited by only a single source. In addition, their narrow and symmetric
emission minimizes the spectral overlap.
The micro- or nanobeads that are used to embed QDs should serve as two roles
in multiplexed optical coding. They should be able to target to a specific site as well
as quickly be identified by their emission spectra. The methods to embed QDs into
microbeads are the following: 1) QDs penetration into microbeads through swelling of
microbeads in solvent/nonsolvent mixture [15]; 2) negatively charged QDs adsorbing to
positively charged polyelectrolytes sequentially through a layer-by-layer approach [95];
3) embedding QDs into silica spheres [96]; 4) embedding QDs into polymer microbeads
using emulsion [97] and suspension polymerization [98]. However, due to the large size
of these microbeads, they cannot be uptaken by the cells through mean such as en-
docytosis. Some groups have attempted to diminish the size to the nanometer range
using silica beads [99], hydrogels [100], and block-copolymer micelles [101] to encap-
sulate nanoparticles. Each of these methods has its own inherent problems such as
low nanoparticle capacity, low quantum yield due to proximity-driven self-quenching, or
broad size distributions. Yang and co-workers [102] reported that they were able to load
250 QDs into a 100 nm nanobead. They coated QDs with amphiphilic polymers prior
to encapsulation into nanobeads which separates the individual QD from each other to
diminish self-quenching.
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2.4.4 Cellular Targeting and Imaging
Quantum dots can be uptaken by cells through passive delivery, facilitated delivery,
and active delivery, and in most cases it has been shown that they do not interfere
with normal cell physiology and cell differentiation [14, 103, 104]. As a result, their
exceptional optical properties allow them to be ideal fluorescent cell markers.
Uptake of QDs that have only water-soluble ligands (without being further func-
tionalized) by cells via nonspecific endocytosis is termed passive delivery. Jaiswal and
co-workers [105] discovered that DHLA-coated QDs can be internalized by endocyto-
sis which was confirmed by co-localization of QDs and the endosome-specific marker
pECFP-Endo. They were also able to conjugate antibodies to QDs through electro-
static self-assembly which allow selective labeling of cell surface proteins. QDs that
are internalized by endocytosis usually tend to accumulate in the endosomes or lyso-
somes [52, 105] which limits their use in labeling of sub-cellular compartments such as
mitochondria or the nucleus. Nabiev et al. [106] found that CdTe QDs capped with
thioglycolic acid were able to escape the endosome through the reversible protonation
of the capping ligand. The size of the QDs determined the intracellular distribution.
They observed that green-emitting QDs (∼2 nm in diameter) tend to accumulate in the
nucleus, while red-emitting QDs (∼6 nm in diameter) stayed in the cytoplasm. Even
though internalization of QDs into cells through passive delivery is relatively simple (the
surface does not need further modification), high incubation concentration of QDs and
long exposure time increase the possibility of cytotoxicity.
Another approach for intracellular delivery of QDs is through facilitated delivery in-
cluding peptide-mediate delivery, protein-mediated delivery and polymer-mediated de-
livery. In peptide-mediate uptake, the facilitated cellular uptake is achieved by introduc-
ing a peptide sequence (MW < 3 kD) [34] which has affinity to the cellular membrane
receptor or provides electrostatic interaction [107]. Four peptide sequence are used
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to conjugate to QDs to achieve facilitated delivery and they are TAT peptide (derive
from the HIV-1 virus TAT protein) [108, 109], Pep-1 (synthetic in origin) [110], RGD
(arginine-glycine-aspartate) [111, 112] and neuropeptide (APSGAQRLYGFGL) [113].
In the case of protein-mediate delivery, the entire protein which is able to recognize and
bind a specific receptor or marker is used to expedite QDs’ cellular uptake. Epider-
mal growth factor (bind to EGF receptor) [114, 115], transferrin (bind to transferrin
receptor) [116, 117], antibodies (bind to specific cell surface protein) [116] and cholera
toxin B (bind to ganglioside receptors) [118] have been used to attach QDs’ surface. For
polymer-mediated delivery, facilitated uptake can be either through single QD capped
with polymers or encapsulation of QD aggregates into polymer spheres. Schoreder et
al. [119] embedded QD core into phospholipid micelles, which not only offers water sol-
ubility but also facilitate the delivery through the interaction with the lipid membrane.
They also incorporated folate into the system to target the mouse J6456 lymphoma cells
and human head and neck KB cancer cells which are known for their over-expressed
folate receptors. Capping QDs with cationic polymers such as polyethylenimine [120]
is able to induce endosomal escape on the basis of proton-sponge effect) and therefore
QDs can have access to the cytoplasm.
Although using facilitated delivery method is able to use less concentration of QDs
and exposure time, the delivery is still based on endocytosis which might trap most of the
QDs in the endosome or lysosome. To overcome this issue, electroporation and microin-
jection are generally applied. Electroporation is a significant increase in the electrical
conductivity and permeability of the cell plasma membrane caused by an externally
applied electrical field. While the delivery was highly efficient, QDs tend to aggregate
because of the applied electrical pulse/field [121] which also causes high rate of cellular
mortality. In comparison, microinjection can precisely deliver small volumes into the
cytoplasm of individual cells and induce low rate of cell death. Moreover, microinjected
QDs were found homogeneously distributed throughout the cell [14]. However, this
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method is laborious and less efficient considering the large number of the cells.
Each of these approaches has its own pros and cons, and therefore they should be
chosen with caution to be suitable for specific application.
2.4.5 In vivo Targeting and Imaging
Compared to organic dyes, quantum dots allow high contrast and high sensitivity
imaging in deep tissues in vivo. Especially, QDs’ high resistance to photo-bleaching
shows superior advantage in long-term in vivo imaging. Since 2002, QDs were started to
be used as in vivo probes. Akerman et al. showed that QD-peptide conjugate could be
delivered into desired targeting site in mice guided by the sequence of the peptide [78].
They use PEG as a surface ligand to enhance the circulation time and minimize the
nonspecific binding. Ballou and co-workers [69] injected QDs with four different coat-
ings (amphiphilic poly(acrylic acid), short-chain (750 Da) methoxy-PEG, long-chain
(3400 Da) carboxy-PEG and long-chain (5000 Da) methoxy-PEG) into the mouse blood
stream and found that the surface coating determined the circulation time as well as the
in vivo localization of the QDs.
The near-IR emitting range is very appealing for the biological applications because
of the increased penetration depth and the decreased scattering effects [122, 123]. More
importantly, this wavelength range is less harmful to the live animal. Only a few or-
ganic dyes show high brightness during this range, but unfortunately, they suffer from
photobleaching. Since the optical properties of QDs can be tuned based on the com-
position and the size, CdTe, CdTeSe, InPAs, InAs, PbS, and PbSe quantum dots have
been successfully synthesized [124–128] to fit in this range. CdTe [124], CdTeSe [129]
and InAs [125] have been used for in vivo imaging.
Two-photon excitation microscopy is very popular for in vivo imaging owing to its
deeper tissue penetration, efficient light detection (the background signal is greatly sup-
pressed) and reduced phototoxicity. In two-photon excitation, two photons of the in-
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frared (IR) light are absorbed by the fluorophore and each photon carries approximately
half of the required energy. The emitted photon, therefore, typically has higher energy
than either of the absorbed photon. In this technique, QDs show great advantage over
traditional dyes because of their large two-photon cross-section which is two to three
orders of magnitude greater than that of organic dyes [130].
2.4.6 Remaining Issues of Using Quantum Dots in Bio-applications
The most concerning issue to use quantum dots in bio-applications is their potential
cytotoxicity. The most commonly used core material is made of cadmium (CdSe/CdS)
which has been shown to induce hepatotoxicity [131]. Although other core material is
also available such as InP or InGaP [132, 133], those either hard to synthesize or have
poor luminescence. The release of cadmium can be induced by oxidation of the QD
surface due to exposure to air or UV light [21, 37, 134] and generally accumulate in
the liver where is the primary accumulation site for nanoparticles [135]. Although the
oxidation due to air or UV light can be avoided by improving the storage condition,
QD’s surface can also be oxidized in oxidative solutions such as hydrogen peroxide and
this is possible to happen once in vivo [48]. The best way to minimize oxidation is to add
surface coating around the cores. As mentioned in section 2.2.2, core-shell QDs are much
more stable and have high resistance to oxidation and adding more shell layers (∼5) give
QDs even better protection. The ligands that are used to render QDs water-soluble are
also acting important roles to protect them from the harsh environment. Derfus et
al. [135] and Kirchner et al. [48] found that the cytotoxicity in cell cultures could be
prevented by using appropriate surface coating which indicates toxicity is not an issue
for in vitro applications. While for in vivo applications, it becomes more important.
Although there seems no better way to avoid using heavy metals, their toxicity could
still be minimized if they can be quickly cleared form the body by renal filtration and uri-
nary excretion. Choi et al. [136] discovered that zwitterionic or neutral organic coatings
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prevented the binding to the serum proteins and QDs that have hydrodynamic diameter
< 5.5 nm can be efficiently cleared from the body. They compared four different coatings
which are anionic (dihydrolipoic acid; DHLA), cationic (cysteamine), zwitterionic (cys-
teine) and neutral (DHLA-polyethylene glycol; DHLA-PEG) and turned out that only
cysteine coated and DHLA-PEG coated QDs avoided the adsorption of serum proteins.
However, the size of the DHLA-PEG coated QDs is too large and therefore eliminates
them from renal clearance.
It is also important to note that the circulation time of QDs within the body should
be long enough to let it reach the targeted site. This will require that the coating of QDs
should prevent the nonspecific binding and trapping by the reticuloendothelial system
(RES). RES is a part of the immune system that recognizes nanostrcutures in vivo and
degrades them [137]. If QDs are trapped by the RES, it will never reach the desired
site. Akerman et al. [78] and Ballou et al. [69] demonstrated that coating QDs with
PEG would solve this problem to some extent. The design of QDs’ surface coating then
becomes very challenging. New ligands that can prevent the heavy metal from leaching,
preserve QD’s small size, minimize the nonspecific binding as well as be able to escape
the RES, reach the targeted site then finally fully cleared from the body are therefore
be welcomed.
Another annoying feature of QDs is their fluorescence intermittence behavior, also
known as blinking [138, 139]. The switch between “on” (bright state) and “off” state
(dark state, no photons are emitted) is generally observed from a single QD. This blinking
phenomenon tends to impose some limitations on single molecule detection [140] because
the signal will be interrupted frequently once the QD is on its “off” state. Not like
organic dyes’ intermittence event which follows exponential statistics indicating a single
dark, trap state [141], QD’s blinking is a stochastic process which has a time scale
ranging from 200 µs-100 s. The origin of blinking can be ascribed to several reasons
including the ionization [142], surface chemistry [143, 144] or QD’s local environment
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(laser power, temperature and etc.) [145]. Hohng et al. [146] discovered that the “off”
state is due to the trapped electron by the QDs surface. Through the presence of
high concentration of β-mercaptoethanol or dithiothreitol, the blinking was suppressed
nearly 100%. They attributed this to the donation of electrons from the thiol moiety to
the surface trap which eliminated the possibility of accepting electrons from the dots.
Although this offers an improvement, it is still impractical to be used in vivo considering
such a high concentration of β-mercaptoethanol (140mM). In addition, there are few
reports [147, 148] associated blinking with spectral diffusion (shift of emission peaks).
Other than blinking, photobrightening (fluorescence increasing upon excitation) reported
by some groups [12, 149] can be also problematic in applications that require fluorescence
quantification. Therefore, a better understanding of these key phenomenon and a better
way to fully address them is needed to improve the use of QDs in bio-applications.
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CHAPTER 3 DITHIOCARBAMATES AS CAPPING
LIGANDS FOR WATER-SOLUBLE QUANTUM DOTS
Modified from a paper published in ACS Applied Materials and Interfaces, 2010, 2:
3384–3395
Yanjie Zhang, Allison M. Schnoes, and Aaron R. Clapp
3.1 Abstract
We investigated the suitability of dithiocarbamate (DTC) species as capping ligands
for colloidal CdSe-ZnS quantum dots (QDs). DTC ligands are generated by react-
ing carbon disulfide (CS2) with primary or secondary amines on appropriate precursor
molecules. A biphasic exchange procedure efficiently replaces the existing hydrophobic
capping ligands on the QD surface with the newly formed DTCs. The reaction conver-
sion is conveniently monitored by UV-vis absorption spectroscopy. Due to their inherent
water solubility and variety of side chain functional groups, we used several amino acids
as precursors in this reaction/exchange procedure. The performance of DTC-ligands,
as evaluated by the preservation of luminescence and colloidal stability, varied widely
among amino precursors. For the best DTC-ligand and QD combinations, the quan-
tum yield of the water-soluble QDs rivaled that of the original hydrophobic-capped QDs
dispersed in organic solvents. The mean density of DTC-ligands per nanocrystal was
estimated through a mass balance calculation which suggested nearly complete coverage
of the available nanocrystal surface. The accessibility of the QD surface was evaluated
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by self-assembly of His-tagged dye-labeled proteins and peptides using fluorescence res-
onance energy transfer. DTC-capped QDs were also exposed to cell cultures to evaluate
their stability and potential use for biological applications. In general, DTC-capped
CdSe-ZnS QDs have many advantages over other water-soluble QD formulations and
provide a flexible chemistry for controlling the QD surface functionalization. Despite
previous literature reports of DTC-stabilized nanocrystals, this study is the first for-
mal investigation of a biphasic exchange method for generating biocompatible core-shell
QDs.
3.2 Introduction
Luminescent quantum dots (QDs) are a relatively new class of fluorescent nanopar-
ticles that possess exceptional photophysical properties including strong resistance to
photobleaching, broad excitation spectra, and narrow photoluminescence bandwidths.
As a result, these nanoparticles have been applied broadly in fields ranging from clinical
diagnostics [4–6] to photovoltaics [7, 8]. A compelling aspect of QDs is the ability to
precisely tune the emission spectrum by controlling the growth and composition of the
nanocrystal. In developing a suitable QD for a particular application, the first consid-
eration is choice of an appropriate semiconductor material with a bulk band gap energy
that can be manipulated through the quantum confinement effect. As such, cadmium
selenide (CdSe) QDs, despite their inherent toxicity concerns, are popular due to facile
synthesis and tunable emission wavelengths that span most of the visible range. In many
cases, a shell layer composed of a wider bandgap material than the core is desirable to
contain the exciton and suppress non-fluorescent decay channels that sacrifice quantum
yield (QY) [37]. Core-shell QDs composed of CdSe-ZnS have been studied extensively
and remain attractive for many applications requiring visible fluorescence.
Despite numerous significant advances in nanocrystal growth and preparation, QD
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behavior is often ultimately limited by the performance of the outermost ligands that
bind the shell layer. These capping molecules are required to not only stabilize the
nanocrystals in the preferred solvent, but they also provide critical electronic passivation
to ensure that excitions decay primarily through a fluorescent pathway leading to the
efficient emission of photons. In most cases, the choice of capping ligand is not nearly
as important for organically soluble QDs as it is for QDs that are dispersed in aqueous
media. This disparity is largely due to the tendency of polar media to introduce alternate
routes of exciton relaxation that are non-radiative [150]. In addition, various capping
ligands may inadvertently introduce unfavorable HOMO-LUMO levels that compromise
fluorescence emission, however detailed analysis of this behavior is often difficult to assess
in water using cyclic voltammetry. Further, the stability of these polar capping ligands is
crucial to maintaining colloidal stability and suppressing these dark relaxation channels.
In some cases, the stabilizing ligand is a vestigial product of the synthesis method and
may not facilitate high quantum yield QDs.
A typical route for preparing water-soluble QDs is to perform a ligand exchange step
after the initial crude product has been purified to remove excess precursors. There
are many possible routes available, however a common procedure is to precipitate the
nanocrystals from solution and stir them in a neat or concentrated solution of the pre-
ferred ligand. Over time the hydrophilic ligands displace hydrophobic molecules at
the nanocrystal surface such that the QDs are rendered water-soluble. Before the hy-
drophilic QDs can be used, they often require several cleaning stages (e.g., filtration or
column chromatography) to remove displaced or excess ligands. To improve stability,
hydrophilic QDs are stored in a buffered solution at high concentration to avoid precipi-
cation due to desorption of the capping ligand from the nanocrystal surface. Even if
QDs are soluble in water following the ligand exchange, the solution may only be sta-
ble for hours or days which is impractical for most uses. Long-term stability of QDs
in water requires a ligand that has a high affinity for the nanocrystal surface resulting
32
in sufficient surface density to ensure solubility. This alone is a challenging goal, how-
ever QDs also require ligands that passivate the surface defect sites leading to bright,
photostable nanocrystals. The literature is replete with various methods for rendering
QDs water-soluble [9, 11, 12, 14, 46, 54, 61, 151]. Many of these methods have focused
on commercially available chemical species such as thiols which have reasonable affinity
for a diverse set of nanoparticles including semiconductors and metals. A number of
seminal studies [10, 152] focused on monothiolated molecules to stabilize QDs in water,
and these ligands have been used continuously ever since. Unfortunately, unlike their
behavior on gold nanoparticles, monothiols are generally not as stable on semiconductor
nanocrystal surfaces (i.e., CdSe-ZnS) and are known to compromise (sometimes greatly)
the luminescent quantum yield [53]. Some improvements are observed by increasing the
hydrocarbon chain length (for example, mercaptoundecanoic [52] versus mercaptoacetic
acid [153]) to improve the hydrophobic interactions along the aliphatic chains and thus
the protective nature of the capping ligands, but clearly monothiols have significant lim-
itations due to the affinity of the single sulfhydryl group for the outermost shell layer
of the QD. Although several groups [54, 55] have reported that the precise ligand ex-
change method used was critical to improving the stability and quantum yield using
monothiols, the low binding energy between the monothiol and QD surface appears to
be a significant limiting factor [4, 22] especially in aqueous buffers for biological appli-
cations [154]. Recognizing the limitations of monothiol capping ligands, Mattoussi et
al. [9] carefully investigated the use of lipoic acid (a bidentate thiol species) as a conve-
nient ligand for solubilizing CdSe-ZnS QDs in water (based on a net negative charge in
basic solutions) and forming stable conjugates with a recombinant protein having large
net positive charge. The reduced form of lipoic acid, known commonly as dihydrolipoic
acid (DHLA), has proved to be a stable ligand for long-term water solubility despite
a lower density of ligands on the nanocrystal surface due to limits imposed by steric
packing effects. The dithiol ligand has shown superior stability compared to monothiol
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ligands where QDs are routinely soluble in water for a year or even longer. However,
DHLA is less beneficial in its role of preserving the luminescence properties of QDs.
While some reduction in QY is common when transitioning QDs into an aqueous envi-
ronment, thiolated ligands consistently reduce the QY far below that of the hydrophobic
QD as prepared (e.g., QDs having alkyl phosphines in non-polar solvents). In the case of
DHLA-capped QDs, the QY may vary significantly from one batch to another, however
these water-soluble samples have fractional QYs in the range of 0.02 to 0.20. DHLA
variants, such as DHLA conjugated to polyethylene glycol chains (DHLA-PEG) [155],
display similar behavior to the parent ligand. Modifying DHLA via the terminal carboxy
group is a useful platform for varying the functional group on a QD [56] and thus its
behavior in solution, however there appears to be no improvement to the QY over what
is achieved with DHLA.
Focusing on methods that largely replace the native capping ligands on QDs with
hydrophilic ligands, we examined the potential of dithiocarbamate (DTC) molecules to
stabilize CdSe-ZnS QDs in aqueous media while maintaining high QY. Our work was
motivated by the significant shortcomings of exsiting ligand exchange procedures which
result in inferior water-soluble QD samples that are often inadequate for use in biolog-
ical investigations due to a variety of reasons: short-term stability, cell toxicity, poor
luminescence, and pH instability. In addition to the need for long term colloidal sta-
bility and high QY, QDs used in biotechnology are required to sustain their properties
over a wide range of pH and ionic strength. Further, our group has been especially
interested in applying QDs to fluorescence resonance energy transfer (FRET) experi-
ments where the overall size of the nanocrystal assembly is constrained by the scale of
the calculated Fo¨rster distance (usually in the range of 4-8 nm). These requirements
put severe restrictions on the types of capping ligands that may be used for practical
applications, especially if the core-shell QD is relatively large. DTC species have been
studied for many years as chelating ligands in synthetic chemistry and more recently
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as self-assembled surfactant molecules on gold surfaces and nanoparticles [57, 156, 157],
but their history as capping ligands on QDs has been surprisingly limited, and nearly
non-existent for core-shell QDs. To our knowledge, this capping strategy has never been
used with QDs for biotechological applications. The higher binding energy of the biden-
tate DTC to gold compared to monothiols as reported by Wrochem et al. [158] suggests
similarly high affinity of DTCs on semiconductor nanocrystals. While there are have
been intermittent reports of dithiocarbamate molecules functioning as QD capping lig-
ands [57–59, 159], conclusions from these studies regarding their performance have been
mixed which likely explains the limited use of DTCs as QD capping ligands generally.
Moreover, given the diversity of ligands possible through a simple synthetic route and
the lack of studies using core-shell QDs, it is clear that there has not been a thorough
survey of dithiocarbamates as robust ligands for luminescent colloidal QDs, especially
for biological applications.
Here we investigate the potential of DTC molecules to meet the broad challenges
required of ligands for robust water-soluble CdSe-ZnS QDs which preserve their desir-
able optical properties. We are especially interested in comparisons of DTC-capped
QDs with those bearing DHLA ligands (a ligand renowned for its stability) and the
performance of these nanocrystals for FRET applications. Our approach is to consider
a variety of primary and secondary amine-containing molecules (those compatible with
the DTC chemistry) and react these species with carbon disulfide to produce a candidate
DTC ligand at high yield. Wherever possible, the reaction and cap exchange procedure
is set up to take place simultaneously in a single reaction vessel where hydrophobic
QDs suspended in an organic non-polar phase are vigorously stirred with water and
the hydrophilic amine in the polar phase (biphasic liquid mixture). Carbon disulfide
(CS2) reacts with the amino species to form a DTC molecule where the new ligand then
chemisorbs onto the QD surface given sufficient time to transport from one phase to
the other and bind the nanocrystal surface. Once complete, the process can be easily
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evaluated by noting the extent of QD transfer from the organic to aqueous phase. Ide-
ally, QDs will fully transfer into the aqueous layer where they preserve their fluorescence
intensity. Candidate ligands for this study were chosen based on their commercial avail-
ability, reasonable cost, low molecular weight, solubility in water, and unique functional
groups. The list of candidate ligands is virtually unlimited if we further consider custom
synthetic molecules, however this was not considered for this study. In some cases, a
priori attractive candidate ligands performed poorly in our experiments which highlights
the need to conduct individual experiments rather than prematurely generalize about
the prospects of a certain class of DTC-based ligands for this specific use. Given the
numerous demands outlined previously for a robust water-soluble QD formulation, it
seems likely that many promising potential ligands will fall well short of the demands
placed on them. The results presented in this paper suggest that, despite this limitation,
select DTC species are excellent QD ligands and that the diversity of potential ligands is
vast and largely unexplored. Perhaps most appealing is the simplicity of the chemistry




Hexadecylamine (HDA, 90%), hexamethyldisilathiane (TMS2S), trioctyl phosphine
(TOP, 90%), L-lysine (≥ 98%), and diethylzinc (Zn, 52.0 wt%) were purchased from
Sigma-Aldrich and used as received. Cadmium acetylacetonate (Cd(acac)2) and sele-
nium shot (Se, 99.99%) were used as received from Strem Chemicals. Trioctyl phos-
phine oxide (TOPO, 98%) was obtained from Alfa Aesar and used as received. n-
Hexylphosphonic acid (HPA) was purchased from Alfa Aesar and used as received. As-
partic acid (≥ 98%), L-cysteine (≥ 99%), L-histidine (98%) and L-Threonine (98%) were
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purchased from Acros Organics and used as received. Chloroform and carbon disulfide
(CS2) were used as received from Fisher Scientific.
3.3.2 CdSe-ZnS Quantum Dot Synthesis
The quantum dots (QDs) used in this study, synthesized using the approach reported
by Clapp et al. [160] and Howarth et al. [68] with some minor modifications, were CdSe-
ZnS core-shell nanocrystals. Briefly, a three-neck flask containing TOP, TOPO, and
HDA was degassed for three hours under deep vacuum and later backfilled with dry
nitrogen gas (∼3 psig) through a Schlenk line. Cd precursor (Cd(acac)2) and Se pre-
cursor (1 M Top:Se) were rapidly injected by syringe into the reaction chamber at high
temperature (feedback controlled heating mantle set at ∼320◦C) with rapid mixing from
a magnetic stir bar. The temperature was abruptly lowered (< 100◦C) once the desired
size had been reached as evaluated by UV-vis absorption. After annealing overnight
(∼80◦C), the CdSe cores were centrifuged for several minutes to remove excess reac-
tants that accumulated at the bottom of the vial. To passivate and protect the cores
from oxidation and the external environment, CdSe nanocrystals were overcoated with
multiple ZnS layers (∼3-5) to ensure a contiguous shell. CdSe core QDs were added to
a fresh batch of ligands (TOPO and HPA) which was again degassed for three hours
under deep vacuum. Solvents used to store QD cores were evaporated and removed via
a liquid nitrogen solvent trap before Zn and S precursors (diethylzinc and hexamethyl-
disilathiane, respectively) were added together dropwise at a rate of 0.4 mL/min using
a programmable syringe pump. The resulting CdSe-ZnS core-shell QDs were again al-
lowed to anneal overnight (∼80◦C) and stored in a mixture of solvents (toluene, butanol,
and hexanes to avoid freezing of excess ligands) for later processing.
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3.3.3 Biphasic Ligand Exchange
In a typical small-scale procedure suitable for a 20 mL glass scintillation vial, the
synthesized CdSe-ZnS QDs described above were precipitated with dry methanol at least
three times to remove excess hydrophobic ligands. The supernatant was discarded and
the solid pellets (dried under N2 flow) were dissolved in 5 mL of chloroform to a final
concentration of 1.0 µM. 6.6×10−3 moles of the amino species (e.g., an amino acid such
as lysine) was dissolved in 5 mL of ultrapurified water (or a suitable aqueous buffer) and
0.4 mL of CS2 was added to the solution (the molar ratio of amino species to carbon
disulfide is thus 1:1). When preparing a mixture of ligands, the total moles of both
amino species should be 6.6× 10−3 moles. Dithiocarbamate (DTC) species were formed
immediately after agitating with a vortex mixer for 30 seconds and were monitored
quantitatively by measuring its UV absorption spectrum (two distinct peaks: λmax =
260, 290 nm) [156] at various time points during the reaction. The UV absorption
spectra were measured by a Cary 50 Bio UV-vis spectrophotometer over a range of
200 to 800 nm using a 1 cm path length quartz cuvette. Both the QD solution and
DTC solution were combined into a single 20 mL capped glass vial and vigorously
stirred using a small magnetic stir bar for 24 hours at room temperature although
the process may reach completion in just a few hours. The next day, all QDs that
were initially in the lower organic phase were observed in the upper aqueous phase
indicating a successful reaction and exchange procedure. The process was further verified
by exciting the sample with a handheld UV lamp (λex = 365 nm) as Figure 3.1 shows.
Excess reactants were removed by passing the resulting sample through an Amicon
Ultra-4 50k MW cutoff centrifugal filter (Millipore). The sample was (optionally) further
cleaned by passing it through a PD-10 chromatography column (GE Healthcare). The
processed samples were stored in either ultrapurified water (Milli-Q system, Millipore) or
1× phosphate buffered saline (PBS), however other buffers may be substituted depending
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on the specific capping ligands used and intended application. We found that the reaction
and exchange procedure works well at the scale described above, however we determined
that it is possible to scale up the process substantially provided the larger reaction vessel
allows adequate mixing.
Figure 3.1 Transition of QDs from the organic to aqueous phase after stir-
ring overnight in a capped glass vial. QDs from the organic
layer (bottom) move into the aqueous buffer layer (top) follow-
ing DTC-Lys reaction and ligand exchange.
3.3.4 pH Sensitivity of Cap-Exchanged QDs
Following the cap exchange procedure and any additional cleaning steps, the fluores-
cence intensity of QDs coated with different DTC-ligands in varying pH was measured by
a Fluoromax-4 dual monochromator spectrofluorimeter (Horiba Jobin-Yvon) with 0.1 s
integration time. Spectra were corrected for dark noise and the wavelength-dependent
quantum efficiency of the detector. Buffers of varying pH were prepared by adjusting
the ratio of 0.2 M sodium phosphate to 0.1 M citric acid. DTC-capped QD stock so-
lution was added to different aqueous buffers (from pH 3 to 7) to a final concentration
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of 40 nM for fluorescence measurements in a 0.4 cm path length quartz cuvette. For
comparison, the stability of DHLA-capped QDs in different pH buffer solutions was also
measured where all water-soluble QDs were prepared from the same hydrophobic stock
QD solution.
3.3.5 Cell Culturing and TIRF Microscopy
MDA-MB-231 breast cancer cells were purchased from ATCC and grown in DMEM
with 4.5 g/L D-glucose, 1% sodium pyruvate, 1% L-glutamine, 10% fetal bovine serum
(FBS), and 1% antibiotic pen/strep. Cells were incubated in DMEM with 0.15 µM
DTC-Cys QDs and 10% FBS at 37◦C for 3 hours. They were then washed with 1×
PBS before being trypsinized. Fresh Dulbecco’s modified Eagle media (DMEM) was
added and followed by centrifuging at 1500 rpm for 5 minutes. After the supernatant
was discarded, cells were plated onto a clean glass coverslip in growth media at a density
of approximately 7 × 104 cells/mL and incubated at 37◦C for another hour before
imaging. The coverslip was pre-coated with 0.03mg/mL collagen to encourage adhesion
of cells to the substrate. Imaging was performed using a Nikon Eclipse Ti-E inverted
microscope fitted with a proprietary dynamic focus control system and fiber-based total
internal reflection fluorescence (TIRF) illumination package. Excitation of the sample
was achieved using a variable power diode laser system from Blue Sky Research (λem
= 442 nm, 45 mW) which is ideal for producing fluorescence in any CdSe-ZnS QD
sample while avoiding direct excitation of any organic dyes. Images were collected using
a Nikon 60× TIRF objective (having a numerical aperture of 1.49) and a Photometrics
CoolSNAP HQ2 CCD camera using Micro-Manager open source software (release 1.3)
and appropriate plug-ins. The exposure time was set to 400 ms with 5 seconds intervals
between frames. Images were further processed and analyzed using NIH ImageJ software
(release 1.43).
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Figure 3.2 Chemistry and ligand exchange scheme using DTC-derivatives
on QDs.
3.4 Results and Discussion
3.4.1 DTC Formation and Ligand Exchange
Figure 3.2 shows the synthetic scheme for the production of DTC ligands and ex-
change onto QDs. The DTC ligands are able to displace the native hydrophobic groups
(typically composed of varying ratios of TOP, TOPO, and HDA) populating the QD
surface during biphasic exchange. The synthesis of DTCs was carried out by mixing
carbon disulfide (CS2) and amino precursor (containing at least one primary or sec-
ondary amine functional group) dissolved in ultrapure water. DTC ligands were formed
immediately after the mixing CS2 and amine precursor, the progress of which was mon-
itored via UV-vis absorption. DTCs have two characteristic UV absorption peaks: one
at 260 nm and another at 290 nm, as shown in Figure 3.3(a). Absorption spectroscopy
is also a convenient way to evaluate the conversion of amino precursors to DTC ligands,
especially if the reaction is slow or inefficient. Figure 3.3(b) shows a case where the re-
action is slower than expected between CS2 and the amino acid threonine (Thr). Here,
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the absorption peak of carbon disulfide (max = 315 nm) persists while the peaks due to
DTC formation increased only modestly after 3 hours. It is apparent that Thr does not
readily react with CS2 to form a DTC species despite its high solubility in water and
available primary amine. This is an example of a ligand that was an appealing prospect
that did not behave as expected. In contrast, Figure 3.3(a) shows that the absorption
feature from CS2 completely disappeared concomitant with a rise in the DTC peaks
within one minute, which demonstrates the speed and efficiency of this reaction under
favorable circumstances (i.e., an appropriate amino species).
Amino acids were selected as candidate precursors in this study largely because
they are biocompatible and commercially available, but also due to their low molecular
weight which minimizes the effective size of the resulting hydrophilic QDs. Their existing
functional groups such as carboxyl (-COOH), thiol (-SH), amine (-NH2), and imidazole
(-C3H4N2) allow QDs to directly conjugate to biomolecules by capping with compact
monolayer ligands. We have investigated other potential ligand precursors as well, but
due to the unique aspects of those results, we have restricted the present report to amino
acids. The chemical structures and general properties of the amino acids used in this
study are shown in Figure 3.4 and Table 3.1, respectively [161, 162]. The solubility
of a particular amino acid in water is a significant limiting factor in the synthesis of
DTC ligands using this particular method because eventually this molecule is used to
render QDs water-soluble. We found that some amino acids having relatively poor water
solubility at neutral conditions, including histidine (His) and aspartic acid (Asp), were
more soluble in basic solutions, while other amino acids such as glycine (Gly) and lysine
(Lys) increased the pH to ∼10-11 once fully dissolved in water. In contrast, cysteine
(Cys) was highly soluble in neutral aqueous solutions and found to react completely
irrespective of the reaction conditions. While water solubility of the amino species
is a necessary criterion for the reaction and exchange to proceed efficiently, it is not
always sufficient as in the case of Thr which is highly soluble in water but did not react
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completely with CS2. Due to varying behavior in water, some combinations of amino
acids functioned well together during the reaction and exchange process. For example,
the overall solubility of His and Asp was substantially improved (over their individual
solubility) by mixing equal molar amounts of the two amino acids together in solution
where they could be converted into DTC ligands for a mixed-surface exchange. Another
benefit of using mixed ligands is to provide QDs multiple functional groups where, for
example, one type of amino acid primarily serves to solubilize the QDs in water while
another provides QDs desirable function or affinity. The diversity of available ligands
(beyond amino acids) suggests that many useful combinations are possible and requires
further study depending on the intended application.
Glycine Lysine Cysteine Aspartic Acid Histidine
Side Chain -H -(CH2)4NH2 -CH2SH -CH2COOH -CH2-C3H3N2
pKa of the - 10.54 8.18 3.90 6.04
Side Chain
pH of the - basic acidic acidic weakly basic
Side Chain




Table 3.1 General properties of the amino acids used as DTC precursors in
this study.
The ligand exchange is facilitated by choosing appropriate solvent(s) and mixing or
agitating the sample thoroughly. For the two-phase process used in these experiments
we chose water and chloroform as the polar and non-polar solvent pair, respectively,
which are effectively immiscible; the former is just under 1% (w/w) soluble in the latter.
We found that the biphasic exchange was far more efficient using chloroform as the
organic phase than toluene, which has 20-fold lower solubility in water (∼0.05% w/w).
Other solvent combinations may result in efficient reaction and exchange, but were not
examined in this study due to the initial effectiveness of chloroform. Vigorous mixing
greatly enhances the contact area between two immiscible phases and is essential for
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an efficient ligand exchange process. Sonication of the sample may also be a suitable
method for improving the exchange and could be used in place of or in conjunction with
rapid stirring. In most cases the exchange showed evidence of reaching completion well
before 24 hours (usually in the range of 4-6 hours). The speed of the exchange procedure
can be individually assessed spectroscopically and through a long-term examination of
colloidal stability. An exchange was deemed to be successful if the QD sample was
sustained in water and moderately luminescent (apparent by eye) for more than a week.
Many samples were stable for much longer periods (typically several months). We also
discovered that freezing DTC-capped QDs at micromolar concentrations in water/buffer
was an effective method for preserving their properties until the sample is needed. There
were no deleterious effects of freezing water-soluble QD samples at -10◦C for several
days or weeks, and presumably, this storage method could be used for much longer
periods as well. Freezing was especially useful for preserving the properties of samples
that otherwise degraded quickly when stored in the refrigerator at 4◦C. Because the shelf
life of biocompatible QD samples is a constant concern (especially among commercially-
available formulations), this is an attractive feature for persevering the properties of QD
samples during storage.
Although monitoring UV-vis spectra from CS2 and subsequent DTC molecules is a
standard method for monitoring the reaction, we further characterized the formation
of select ligands using 1H NMR spectroscopy. In particular, we looked at the reaction
of CS2 with lysine due to two primary amines residing in the main and side chains.
NMR spectra (Varian VXR-400 NMR, Bruker magnet, probes, and shim supply) were
obtained in D2O solvent with results shown Figure 3.5. In the 1H NMR spectrum of
lysine, the chemical shift of protons a (next to the α-amine, Figure 3.5 inset chemical
structure) and protons b (next to the amine in the side chain) are ∼2.89 ppm and ∼3.28
ppm, respectively. Once the amines reacted with CS2, group a shifted to ∼4.64 ppm
and group b shifted to ∼3.38 ppm. As shown in Figure 3.5, a subset of group a shifted to
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∼4.64 ppm indicating the side chain amine is preferable over the -amine. Similar NMR
spectra are required for characterizing prospective amine-containing molecules having
multiple 1◦ and 2◦ amine groups (e.g., arginine). In general, however, it is sufficient to
monitor the reaction extent through UV-vis absorption alone [156].
3.4.2 Fluorescence Quantum Yield
A critical finding of our work showed that that quantum yield (QY) of these DTC-
capped QDs can be sustained immediately following the biphasic exchange and often
long afterward. With many common ligand exchange procedures (including those with
monothiol acids or DHLA) there is always a significant loss of QY following the transition
from organic solvents into water (the QY is usually below 0.20) [61]. We hypothesize
that the biphasic exchange procedure has certain advantages over prior reports of DTC
ligand exchange in purely organic solvents. This may be due to the nearly simultaneous
DTC reaction and ligand exchange steps where densely coated QDs are continuously
and selectively transferred into the aqueous layer. As Figure 3.1 shows, upon inspection
the qualitative brightness of the organic layer (bottom) is similar to that of aqueous
layer (top) suggesting a similar QY since the QDs have identical concentrations when
fully distributed in either phase. The measured fractional QY for the particular DTC-
Lys QD sample in Figure 3.1 (594 nm emission maximum) is 0.41 as determined using
a dye standard (Rhodamine 6G) compared to the initial QY of hydrophobic QDs of
0.36. This nominal gain in QY upon transfer to water is highly unusual for water-
soluble ligand exchange procedures and has not been reported when using monothiols
or DHLA as capping ligands. We point out, however, that not every biphasic exchange
procedure results in the preservation or increase of QY between phases. Depending on
the specific conditions used and the initial quality of the QDs, the ultimate QY in water
may drop well below the initial QY in the organic phase and appears to vary considerably
from batch to batch. Table 3.2 summarizes QY measurements made before and after
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DTC ligand exchange using a suitable dye standard (fluorescein or Rhodamine 6G).
To ensure successful biphasic exchange and to maximize QY, the inorganic synthesis
procedure (precursors, temperature, injection time, polydispersity, etc.) of CdSe-ZnS
QDs requires careful consideration. The final QY of DTC-capped QDs appears to be
largely dependent on the quality of CdSe core and the integrity of the ZnS shell. Since
many prior reports have examined DTC capping of CdSe QDs, there is less data available
for QDs having ZnS shell layers. We have found that QDs with several annealed (three
or more) ZnS layers appear to be more receptive to this processing step than QDs with
relatively thin shells. Overall, the QY of DTC-capped QDs invariably exceeds that of
DHLA-capped QDs when the same hydrophobic CdSe-ZnS nanocrystals are processed
in parallel.
λmax (nm) toluene CHCl3 (1×)1 CHCl3 (3×)2 pH 8 buffer (Cys)3 1× PBS (Lys)4
509 0.58 - - 0.45 -
594 0.36 - - - 0.41
600 0.40 0.31 0.28 - 0.47
612 0.34 0.31 0.30 0.16 0.18
616 0.23 0.22 0.18 - 0.16
1 Precipitated from toluene with dry methanol once and resuspended in chloroform.
2 Precipitated from toluene with dry methanol three times and resuspended in chloroform.
3 DTC-Cys capped QD suspended in pH 8 buffer.
4 DTC-Lys capped QD suspended in 1× PBS (pH = 7.4).
Table 3.2 Quantum yielda data for various QD samples.
3.4.3 Ligand Density
Since the density of capping ligands is intimately related to colloidal stability and
surface passivation effects (i.e. quantum yield), we estimated the DTC ligand coverage
of these hydrophilic QDs. Following biphasic exchange, the newly water-soluble QDs
were purified using a suitable centrifugal membrane filter (50 kDa MW cutoff or smaller)
as described previously where the aqueous solution passing through the filter was col-
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lected and freeze-dried. The dry sample, solely consisting of excess ligands that were not
bound to the nanocrystal surface, was weighed with a precise analytical balance. With
the weight of reacted precursor known (in cases where the reaction conversion was near
100% as determined spectroscopically), the coverage of QDs was deduced to be ∼800-
1000 DTC-ligand molecules per QD (having a mean estimated surface area of ∼1.6 ×
104 A˚2 per nanocrystal assuming QDs to be perfect spheres). This ligand density com-
pares favorably to estimates with DHLA-capped QDs and suggests that DTC-ligands
have superior affinity for the ZnS shell than DHLA. Further, the estimated DTC lig-
and density (∼18 A˚2/molecule) implies that there is efficient molecular packing through
self-assembly on the nanocrystal surface, especially relative to densities achieved with
DHLA. While there are several possible methods for estimating the ligand density (e.g.,
electrophoresis, NMR, FRET, etc.), the mass-based procedure is likely the most accu-
rate because it is a direct measurement of material and does not require a control sample
or calibration curve. Sources of measurement error include the surface area distribution
of the QDs and the potential for DTC ligands to bind the filter or container surface.
Because larger red-emitting CdSe-ZnS QDs and multiple ZnS layers tend to be more
prolate ellipsoidal in shape [37, 163], it is likely that the effective mean surface area
is larger than the estimates based on the assumption of a perfectly spherical popula-
tion of nanocrystals. This suggests that the density is likely lower than our calculated
estimates, however a more precise estimate would require a thorough examination of
the nanocrystal shapes using a method like transmission electron microscopy (TEM).
Further, the inferred number of DTC ligands bound per QD is perhaps overestimated
based on the assumption that any material not collected and weighed must be present
on the QDs. While it is difficult to gauge the uncertainty in the ligand density estimate,
the calculated value is reasonable based on the geometry of the nanocrystal and the
minimum estimated occupied area of the QD-bound DTC molecule. The presence of
even a few hundred DTC ligands per QD suggests an efficient cap exchange procedure.
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We assert that ligand density correlates strongly with long-term colloidal stability and
preservation of photoluminescence, however this is not a function of the ligand alone.
In our experience, the integrity and quality of the outermost shell layer (in this case,
ZnS) is paramount to realizing high quality water-soluble QDs. This is encouraged by
the slow growth and annealing of several ZnS monolayers on the CdSe core. In some
cases, DTC ligands that typically produce high QY water-soluble CdSe-ZnS confer poor
luminescence, and most evidence implicates poor inorganic synthetic conditions. Fur-
thermore, there appear to be inherent advantages the biphasic reaction and exchange
process which usually leads to a high ligand density.
3.4.4 Accessibility of the Nanocrystal Surface
Water-soluble QDs are unique donor fluorophores in FRET-based applications [81,
164–166] and are especially appealing for biosensing assays. Due to their large surface
area-to-volume ratio, QDs can bind multiple His-tagged peptides or proteins through
metal-affinity coordination [22]. This increased avidity has already been shown to sub-
stantially improve the effective FRET efficiency per QD. A notable distinguishing feature
of water-soluble QDs prepared by ligand displacement versus many commercially avail-
able samples is the effective thickness of the ligand coating. Commercially prepared QDs
often use bulky amphiphilic capping ligands (e.g., phospholipids or synthetic polymers)
which limit their suitability for most FRET applications [167]. More compact ligands al-
low direct binding and accessibility to the QD surface thereby improving energy transfer.
Since the FRET efficiency is a strong function of the fluorescence QY and donor-acceptor
center-to-center separation distance, an ideal QD would be highly luminescent with a
low molecular weight capping ligand used to suppress non-radiative decay of the exci-
ton and promote compatibility with solution. Due to the high coverage of DTC-capped
QDs assessed previously, one concern is that His-tagged peptides and proteins may not
sufficiently bind to the surface of these QDs due to limited access to the nanocrys-
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tal outer surface. However, Figures 3.6(b) and 3.6(d) shows favorable interaction of the
DTC-Lys QDs with AlexaFluor (AF) 647-labeled peptides (H6-G8-FTPESLRAGC, syn-
thesized by the Iowa State Protein Facility) as well as Cy3-labeled Sec9 proteins [168]
both having terminal His-tags. As a comparison, corresponding self-assembly titration
data of DHLA-capped QDs with AF647-labeled His-tagged peptides ( 3.6(a)) are also
shown. All the spectra shown in Figure 3.6 had the background fluorescence signal (due
to direct excitation) of the dyes subtracted. In Figure 3.6(a) and 3.6(b), the concen-
tration of QDs was identical and was prepared from same initial stock of hydrophobic
QDs. As is immediately evident, the QY of DTC-Lys QDs is about 15-fold higher than
that of DHLA-capped QDs based on the measured fluorescence signal of each sample.
Figure 3.6(b) also shows direct evidence of QDs having high QY where the loss of inte-
grated QD emission intensity is several fold larger than the integrated enhanced emission
of AF647 dye. This is due to a pronounced difference between the donor and acceptor
QY. In prior QD-based FRET studies, the QD and dye have often had similar QY
(around 0.15) and therefore exhibited similar changes in integrated fluorescence signal
during a titration experiment [81]. To show the further benefit of these DTC-capped
QDs, a comparison of FRET efficiency between DTC-Lys QDs and DHLA-capped QDs
is shown in Figure 3.6(c). The experimental data is fitted by a modified Fo¨rster model
that accounts for multiple acceptors [81]. Obviously, the FRET efficiency of DTC-Lys
QDs is significantly higher than that of DHLA-capped QDs due to their much higher
quantum yield with the assumption that the donor-acceptor distances are similar for the
two QD formulations. These DTC-capped QDs not only have desirably thin coatings to
minimize the FRET donor-acceptor distance and limit steric interference with binding,
but also have high fluorescence QY which leads to improved FRET efficiency.
49
3.4.5 pH Sensitivity of Cap-Exchanged QDs
One major drawback of DHLA-capped QDs (and related monothiol alkyl carboxyl
species) is their irreversible and spontaneous precipitation in acidic media. This is
perhaps one of the most significant limitations to the use of DHLA as a compact bio-
compatible ligand and is well-documented in the literature [169]. By contrast, we have
found that the pH sensitivity of DTC-capped QDs is readily modified by altering the
specific functional groups expressed on the ligand. As an example, the photolumines-
cence (PL) of DTC-Lys QDs dropped only slightly as the pH decreased from 7 (neutral)
to 6 (slightly acidic) and was surprisingly stable in buffered solutions ranging from pH
4 to 6 (Figure 3.7(a)). By adding aspartic acid (Asp) as a secondary capping ligand,
the PL stability in acidic solutions improved considerably as shown in Figure 3.7(b).
We attribute this behavior to the relatively low pKa of the side chain on Asp. For
comparison, the same pH sensitivity study was conducted using DHLA-capped QDs.
We found that DHLA-capped QDs immediately precipitated once the pH dropped be-
low 7 as expected (Figure 3.8(a)) while DTC-Lys QDs were stable (showing no visible
precipitation) over a wide range of acidic buffer solutions (pH 4 to 7) for many days as
shown in Figure 3.8(b) through 3.8(d). While many other QD formulations have proved
stable in acidic conditions, most of these require relatively thick coatings to isolate the
embedded nanocrystal from solution. An advantage of the present method is the ability
to confer a wide range of pH stability with a monolayer of low molecular weight ligands.
An interesting if unexpected finding in the study of pH sensitivity is that DTC-
cysteine (Cys) QDs effectively functioned as reversible luminescent pH sensors. We
observed that the PL dropped dramatically as the pH was lowered (Figure 3.9(a)), how-
ever the PL was partially recovered by adding a strong base (such as sodium hydroxide,
NaOH, at an appropriate concentration) as shown in Figure 3.9(b) where the recovery
improved steadily over time. Although the PL dropped substantially once the pH was
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lowered below 6, no visible precipitation was observed during the experiment as shown
in Figure 3.10. This sharply contrasts the immediate coagulation and loss of PL char-
acteristic of DHLA-capped QDs in acidic media. These results suggest that the process
by which DTC-Cys QDs lose their PL in acidic media is inherently different from that
of DHLA-capped QDs.
The mechanism by which DTC-Cys QDs exhibit pH sensitivity with reversible PL
loss is believed to be influenced by formation of disulfide bonds between Cys ligands
on neighboring QDs. This bridging interaction brings many DTC-Cys QDs into near
contact sufficient to induce fluorescence self-quenching. The disulfide bond is easily
broken with the addition of a strong base or reducing agent which disrupts QD aggregates
and significantly restores the PL close to its original level. We have carried out several
experiments to support this observation. As shown in Figure 3.11, rather than using a
single population of QDs, two independent populations of QDs (having emission maxima
centered at 509 nm and 599 nm, respectively) were mixed in specific molar ratios. The
equimolar mixture of DTC-Cys QD509 and DTC-Cys QD599 (1:1 ratio) shows that the
former QD fluorescence is almost completely quenched at pH 3 whereas the latter shows
a small but appreciable PL signal. If we compare this result with the control sample of
DTC-Cys QD599 at pH 3 (where the QD599 concentration is held constant throughout),
there is a slight enhancement of the QD599 signal in the mixed sample. This result
suggests the possibility that the QD599 population is receiving energy from the QD509
population where there is sufficient contact between QDs [82]. This interaction is further
clarified by increasing the ratio of QD509 in the mixed sample to 5:1. In this scenario,
the likelihood of QD599 (acceptor) interacting with QD509 (donor) is greatly increased.
We likewise see a dramatic increase in the QD599 signal consistent with our hypothesis
that there is energy transfer occurring between these distinct populations facilitated by
specific binding interactions occurring between them. The inset image in Figure 3.10
shows a substantial change in emission color with pH (near white at pH 7 to red at
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pH 3). While we can infer some association of QDs at low pH due to fluorescence self-
quenching, this behavior appeared to be insufficient for widespread precipitation and loss
of solubility in water. Throughout the cycling of pH between basic and acidic conditions,
the Cys-capped QDs appeared to be fully soluble (i.e., forming transparent solutions)
and free of large aggregates. To determine the origin of this binding interaction, we used
dithiothreitol (DTT), a common reducing agent, to test whether fluorescence quenching
was due, at least in part, to disulfide bridging between neighboring QDs. During the
experiment, DTC-Cys QDs in pH 3 buffer was basified to pH 7 before adding DTT (the
reduction via DTT is most effective in basic conditions). As Figure 3.12 shows, DTC-
Cys QDs in acidic buffer showed a modest PL increase when the pH was returned to 7
after two hours; however the addition of DTT was critical to restoring most of the PL
to the original level in neutral buffer. The significant PL recovery achieved by adding
a reducing agent at pH 7 suggests that the association between QDs was largely due to
reversible disulfide bridging interactions.
3.4.6 Potential of DTC-capped QDs in Cell Studies
A desirable application of water-soluble QDs is for biological studies and especially
experiments using living cells or tissue samples [6, 121]. To test the performance of QDs
capped with DTC-based ligands, we introduced these nanocrystals into the growth me-
dia of MDA-MB-231 breast cancer cells adhered to collagen-coated glass coverslips and
imaged the cells using total internal refection fluorescence (TIRF) microscopy. While
some QDs were observed to nonspecifically bind to the collagen surface, most nanocrys-
tals that remain following washing are bound to the surface of cells or were internalized
within cells through endo- or pinocytosis (Figure 3.13). The TIRF system allowed us
to change the illumination penetration depth continuously from ∼100 nm to full epi-
illumination. Limiting the illumination depth improves fluorescence contrast and lowers
the background signal. Time-lapse imaging showed that QDs preserved their lumines-
52
cence properties over the duration of the incubation and imaging (hours to days). The
cells showed no obvious signs of nanoparticle toxicity (Figure 3.13(c)) during any phase
of the experiments which is consistent with previous studies [170] using water-soluble
CdSe-ZnS QDs having a variety of hydrophilic surface coatings. Of note is the abil-
ity to follow QD fluorescence for long periods of time and through long exposure to
the TIRF illumination source. Photobleaching is a common limitation of traditional
dye labels, however the DTC-capped QDs did not suffer noticeable loss of luminescence
over the duration of imaging (on the order of a few hours). The labeling in this study
was effectively non-specific, however one tantalizing aspect of the DTC ligand exchange
procedure is the potential for targeting water-soluble QDs to specific regions of the cell
(interior or exterior) for long-term imaging and biosensing. This goal may be realized by
coupling unique DTC ligands with His-tagged biomolecules or by attaching ligands and
biomolecules using DTC derivatives. The prospect of using DTC as the anchoring group
to QDs is attractive in that it avoids variability between methods (e.g., His-tagged versus
DTC affinity) and streamlines the process of creating customized QDs for biological ap-
plications. Custom synthetic peptides are particularly well-suited for DTC modification
of a unique Cys residue that affords affinity for the nanocrystal surface. Proteins could
also be attached in this manner but may require substantially more effort in certain
cases. We are currently investigating the feasibility of this approach and will report on
progress in a future publication.
3.5 Conclusions
We have investigated the performance and behavior of dithiocarbamate ligands to
render hydrophobic CdSe-ZnS QDs water-soluble through a single step reaction and
cap exchange procedure. Specifically, we explored pH sensitivity, ability to function
in FRET-based experiments, and compatibility in cell-based biological studies of these
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newly produced water-soluble QDs. DTC ligands bind more stably to the semiconductor
shell than other thiolated molecules and can maintain a high quantum yield relative to
native hydrophobic QDs capped with alkyl phosphines. The relatively high density of
ligands occupying the QD surface is important for colloidal stability yet still allows His-
tagged biomolecules to bind the QD surface directly. In general, the FRET efficiency
using DTC-capped QDs improves substantially due to the higher fluorescence quantum
yield of optimally prepared samples. These QDs were also shown to be appropriate
for cell labeling studies where fluorescence was sustained over several hours and no
obvious toxicity effects were observed. Compared to DHLA-capped QDs (and related
functionalized derivatives) which have a more cumbersome reaction and ligand exchange
process, DTC chemistry is a facile method that leads to hydrophilic QDs with high
quantum yield. The success of this approach for CdSe-ZnS is thought to be a function
of the DTC ligand molecules, quality of the synthesized nanocrystals, and biphasic
exchange process which when optimized lead to dense coverage of ligands on the QD
surface. By using different amino precursors, the pH sensitivity and other behavior can
be carefully controlled which is appealing for future biomedical applications using these
QDs.
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Figure 3.3 (a) UV absorption spectrum of DTC-Lys, formed in water. (b)
UV absorption spectrum of DTC-Threonine, formed in water at
various time periods.
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Figure 3.4 Chemical structure of amino acids used in this study: (a) glycine
(b) aspartic acid (c) cysteine (d) histidine (e) lysine.
Figure 3.5 1H NMR spectra of lysine and DTC-lysine. Protons a and b




Figure 3.6 (a) Fluorescence spectra of increasing Cy5-labeled His-tagged
peptide added to DHLA-coated QDs. (b) Fluorescence spectra
of increasing Cy5-labeled His-tagged peptide added to DTC-Lys
QDs. (c) FRET efficiency versus the number of AF 647 per QD.
(d) Fluorescence spectra of increasing Cy3-labeled His-tagged
proteins added to DTC-Lys QDs. The QD signal quenches




Figure 3.7 (a) Measured fluorescence spectra of DTC-Lys QDs in pH
3-7 buffer solutions. (b) Measured fluorescence spectra of




Figure 3.8 (a) DHLA-coated QDs in pH 3-7 buffer solutions (left to right)
under UV light. (b) DTC-Lys QDs in pH 3-7 buffer solutions
under UV light. (c) DTC-Lys QDs in pH 3-7 buffer solutions
after five days under UV light and (d) DTC-Lys QDs in pH 3-7




Figure 3.9 (a) Measured fluorescence spectra of DTC-Cys QDs in pH 3-7
buffer solutions. (b) Measured fluorescence spectra of DTC-Cys
QDs in pH 3, and the same samples measured after being basified
to pH 13 at various time periods (0-3 hours).
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(a) (b)
Figure 3.10 (a) DTC-Cys QDs in pH 3-7 buffer solutions under normal
light. (b) DTC-Cys QDs in pH 3 to 7 buffer solutions under
UV light.
Figure 3.11 Measured fluorescence spectra of QD599 and QD509-QD599
mixtures in pH 3 buffer solutions. The inset shows an image
of the 5:1 ratio mixture at pH 3 and 7 and excited with a
UV lamp (λex = 365 nm). The fluorescence color change is
consistent with the measured spectra.
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Figure 3.12 Measured fluorescence spectra of DTC-Cys QDs in pH 3 solu-




Figure 3.13 (a) Bright field image of untreated MDA-MB-231 cells. (b) Flu-
orescence image of DTC-Cys QDs labeled MDA-MB-231 cells
using total internal reflection fluorescence (TIRF) microscopy.
(c) Bright field image of MDA-MB-231 cells after QD labeling
and exposure to the TIRF laser (λem = 442 nm) for 30 minutes.
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CHAPTER 4 CHAPTER 4 SENSING POLYMER/DNA
POLYPLEX DISSOCIATION USING QUANTUM DOT
FLUOROPHORES
Modified from a paper published in ACS Nano, 2011, 5: 129–138
Bingqi Zhang, Yanjie Zhang, Surya K. Mallapragada, and Aaron R. Clapp
4.1 Abstract
We characterized the dissociation of polymer/DNA polyplexes designed for gene de-
livery using water-soluble quantum dots (QDs). A pH-responsive pentablock copolymer
was designed to form stable complexes with plasmid DNA via tertiary amine segments.
Dissociation of the polyplex was induced using chloroquine where the efficiency of this
process was sensed through changes in QD fluorescence. We found that increasing con-
centrations of pentablock copolymer and DNA led to quenching of QD fluorescence
while chloroquine alone had no measurable effect. The mechanism of quenching was
elucidated by modeling the process as the combination of static and dynamic quenching
from the pentablock copolymer and DNA, as well as self-quenching due the bridging of
QDs. Tertiary amine homopolymers were also used to study the effect of chain length
on quenching. Overall, these QDs were found to be highly effective at monitoring the
dissociation of pentablock copolymer/DNA polyplexes in vitro and may have potential
for studying the release of DNA within cells.
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4.2 Introduction
Semiconductor quantum dots (QDs) have seen increasing use in conjunction with or
as an alternative to organic fluorophores in molecular and celluar imaging for non-viral
gene delivery due to their broad excitation spectra, narrow and size-tunable emission
spectra, and superior brightness and photostability [22, 171]. QDs can be coupled ei-
ther to polymers or DNA to investigate intracellular trafficking of the target particles
among stained organelles [61, 105, 113, 120, 172, 173]. In particular for measuring
polymer-DNA interactions, the distance between polymer and DNA can be sensed by
Fo¨rster resonance energy transfer (FRET) in which QDs function as fluorescence energy
donors [11, 46, 174]. However, regardless of method used, appropriate chemical mod-
ifications are required, either for QDs, DNA, or other DNA condensing agents, which
leads to complicated processing and/or potential interference with the functionality of
the biomolecules or nanocrystals. Here, we report for the first time a facile and sensitive
method to examine unpacking of polymer-DNA polyplexes induced by other competing
agents on the basis of QD quenching.
We have developed a promising new thermogelling cationic pentablock copolymer
vector for sustained gene delivery [175, 176]. In addition to favorable transfection ef-
ficiencies and low cytotoxicity, these vectors exhibited a selectivity for transfection of
cancer cells versus non-cancer cells [177], however the mechanism behind this selec-
tivity is not fully understood. There have been several studies aimed at elucidating
the intracellular mechanism of gene transfection for various polymeric vectors by traf-
ficking studies and other methods [178–180]. The ability to track the dissociation of
polymer-DNA complexes intracellularly would provide answers to the key questions
regarding vector unpackaging and its effect on transfection efficiency. As a common
lysosomotropic agent, chloroquine (CLQ) has been found to significantly enhance trans-
fection efficiency in many systems [181–183]. Among the multiple roles CLQ may play
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in assisting gene delivery, facilitating dissociation of DNA from polymers has emerged
as an interesting possibility as it is also helpful for evaluating intracellular gene deliv-
ery barriers [184]. The main strategy currently used by researchers to measure CLQ
triggered polyplex dissociation relies on intercalating DNA dyes, either by measuring
the amount of released DNA following removal of intact polyplexes through membrane
filtration [185, 186], or through a dye exclusion assay presuming that polyplex disso-
ciation can be characterized by the susceptibility of DNA to dye intercalation [186].
However, one essential problem in these methods is that the intercalating capacity of
CLQ with DNA can compete with many of the dyes used for DNA quantification,
making it extremely difficult to accurately measure the actual amount of free DNA
in solution or to assess the displacing effect of CLQ. In this work, we utilize cysteine-
coated CdSe-ZnS core-shell QDs in place of common DNA intercalating dyes to mea-
sure DNA released from polyplexes formed with poly(diethylaminoethylmethacrylate)
(PDEAEM)/Pluronic F127 pentablock copolymers in the presence and absence of CLQ.
4.3 Results and Discussion
4.3.1 Polyplex Dissociation Monitored by QD Fluorescence Quenching
CdSe QDs have been reported to bind molecules having tertiary amines with high
affinity [187]. Though not previously demonstrated, hydrophilic Cys-capped CdSe-ZnS
QDs were considered as viable binding surfaces for the pentablock copolymers (having
similar blocks of tertiary amines) used in this work. Interestingly, pentablock copolymers
induced significant quenching of QD fluorescence upon mixing. QDs mixed with plasmid
DNA led to similar quenching effects, but to a lesser extent. In contrast, the quench-
ing effect was completely absent when QDs were mixed with pre-formed pentablock
copolymer/DNA (penta/DNA) polyplexes as shown in Figure 4.1(a) (black and light
blue curves). The dramatic difference in QD fluorescence intensity between bound and
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unbound states of pentablock copolymer and DNA suggested that polyplex associa-
tion/dissociation might function as a potential on/off switch for QD fluorescence (illus-
trated in Figure 4.2). CLQ alone was found not to influence the emission profile of the
QDs studied (QDs having an emission maximum at 615 nm, or QD615) though CLQ
itself demonstrated an intense and broad emission between 400 nm and 575 nm when
excited at 370 nm (Figure 4.1(a), dark blue and pink curves). Thus, we were able to
investigate the stability of the polyplex in the presence of CLQ by monitoring the change
in QD fluorescence where any decrease in the intensity of QD emission is attributed to
polyplex dissociation.
As expected, addition of CLQ to solutions containing penta/DNA polyplex and QDs
resulted in significant quenching of QDs when compared with control samples lacking
CLQ. This provides a strong indication that CLQ indeed facilitated polyplex dissoci-
ation. The newly released pentablock copolymers appear to quench QDs immediately
once they are free in solution. Released DNA is partially complexed with CLQ and
therefore exhibits relatively weaker quenching effects with QDs as compared to naked
DNA mixed with QDs as shown in Figure 4.1(b). When pentablock copolymer and
DNA were mixed with QDs sequentially (i.e., pentablock copolymer added to QD solu-
tion, followed by the addition of DNA), allowing time to equilibrate between additions,
there was increased quenching of QDs over the effect achieved with either component
alone. This indicates the pentablock copolymer and DNA did not significantly associate
into polyplexes when introduced serially to a solution containing QDs. The combined
quenching effects provide further evidence for association of pentablock copolymer and
QDs via tertiary amines since these amine groups would otherwise interact with the
phosphate groups of DNA to form polyplexes and partially restore the original fluores-
cence of QDs. Therefore, the quenching observed in a polyplex solution after addition of
CLQ likely results from both free pentablock copolymer and CLQ-bound/free DNA. The
overall quenching of QD fluorescence exhibited a linear relationship with the concentra-
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tion of CLQ as shown in Figures 4.1(c) and 4.1(d), further confirming the feasibility of
using QDs to indicate polyplex dissociation induced by CLQ.
Although this study focused on cell-free assays, the CdSe-ZnS QDs used in this work
showed no measurable acute toxicity in various cell lines due in part to a protective
shell and dense coating of hydrophilic DTC-Cys ligands. The QD-based quenching
method can thus be utilized to sense polyplex dissociation in cellular environments. For
example, by co-incubating polyplexes and QDs with cells, dissociation of polyplexes
in endosomes could be detected, which is of great importance for understanding the
mechanism of gene delivery and improving transgene vectors. Furthermore, since the
QDs were rendered water soluble though ligand exchange, various types of amino acids
can be easily coupled to QDs as designed; for example, histidine residues can be coupled
to the surface of QDs, leading them to readily escape endosomes. In this case, polyplex
dissociation can be monitored by quenching of QDs throughout the cytoplasm.
4.3.2 Quantitative Models of Fluorescence Quenching
Since the pentablock copolymer potentially acts as the primary quenching species,
we expect the QD fluorescence to decrease (and thereby quenching to increase) with
increasing polymer concentration. As shown in Figure 4.3(a), the measured QD flu-
orescence intensity showed an inverse dependence on the concentration of pentablock
copolymer. Rather than exhibiting a linear dependence on concentration consistent
with either static or dynamic quenching alone, the integrated quenching data appeared
concave up (Figure 4.3(b)) suggesting a combination of quenching effects. We fit this
data with a modified Stern-Volmer equation that describes combined dynamic and static
quenching (Figure 4.3(b), dashed line) in which static quenching is presumed to occur
when the quencher is within a characteristic radius (spherical volume) consistent with a
stable complex [65]:
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F0/F = (1 +KD[Q])exp([Q]V ) (4.1)
where
V = V0NA/1000 (4.2)
Here, F0 and F are the fluorescence intensities in the absence and presence of
quencher, respectively; KD is the dynamic quenching constant; [Q] is the concentra-
tion of quencher (pentablock copolymer in this experiment); V is the molar volume of
the sphere within which the probability of quenching is unity; V0 is the volume of the
sphere in cm3; and NA is the Avogadro constant. The fitted sphere volume was consis-
tent with an interaction radius 15 nm. Alternatively, a plot of F0/(Fe
[Q]V ) versus [Q]
yields a straight line with the slope equal to which is found to be about 26.5 mM−1
(Figure 4.3(b), solid line).
In order to interpret this result, we measured the size distribution of QD-pentablock
copolymer assemblies (micelles) in solution using dynamic light scattering. The data
showed nearly monodisperse micelles having a mean diameter of 200 nm (polydispersity
index, PDI = 0.062). Based on this size distribution and the average QD diameter (∼15-
20 nm), there are presumably many QDs within each micelle. This physical arrangement
suggests that QDs are likely to exhibit interparticle energy transfer (i.e., FRET) which
would contribute to the static quenching component of the Stern-Volmer model shown
in equations 4.1 and 4.2. The fitted interaction radius will then be representative of
the composite effect of FRET-induced quenching as well as any direct quenching due
to the pentablock copolymer alone. If FRET is a significant quenching mechanism, we
expect the fitted interaction radius to be on the same order as the Fo¨rster distance for
QD self-quenching (R0 ∼ 4-8 nm) which is considerably smaller than the average micelle
size (rm ∼ 100 nm). The modified Stern-Volmer model alone is insufficient to determine
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the relative static quenching contribution of QD self-quenching versus direct quenching
from the polymer. For this, we require experiments that isolate these effects; this is the
subject of the next section.
In the case of QD quenching by DNA, again there is enhanced quenching with increas-
ing DNA concentration, yet the data is concave down (Figure 4.4(a) and 4.4(b)) consis-
tent with a fluorophore having accessible and inaccessible populations to the quencher
and a fit to the following equation:
F0/∆F = 1/faKa[Q] + 1/fa (4.3)
where
∆F = F0 − F (4.4)
fa = F0a/F0 (4.5)
Here, F0 and F again refer to the fluorescence in the absence and presence of
quencher, respectively; fa is a fraction of the total fluorophore population where the
subscript a refers to the accessible fraction that can be deactivated by the quencher
species; correspondingly, F0a is the initial fluorescence and Ka is quenching constant of
the accessible fraction. For the mechanism of quenching by DNA, guanine bases are
thought to be responsible as electron donors [65]. Since plasmid DNA cannot maintain
its circular structure but rather contorts into a supercoiled conformation in aqueous
solution, the guanine bases would assume a complex distribution of accessibilities to the
QD surface. As a result, it might be difficult for larger QDs to contact these quenching
sites as compared to smaller QDs. Thus we assumed that only a fraction of QDs were
available to be quenched by DNA. Values for fa and Ka can be obtained readily from the
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intercept and slope by plotting F0/∆F versus [Q]
−1 (Figure 4.4(c)), which were found
to be 0.62 mL/µg and 0.14 mL/µg, respectively.
4.3.3 Self-Quenching among QDs
Considering both pentablock copolymer and DNA have the capacity to associate
with QDs, they could feasibly generate a high local concentration of QDs and initi-
ate self-quenching. The tendency of pentablock copolymer to form micelles in solution
furthers the speculation that QD self-quenching is an important mechanism in these
systems. In order to test this hypothesis, we examined the quenching of two distinct
populations of QDs, QD519 (green emitting) and QD611 (red emitting), that can poten-
tially form FRET donor-acceptor pairs between QDs, as reviewed by Somers et al [82].
If such a pair is formed in proximity sufficient for energy transfer (i.e., on the order of
the Fo¨rster distance R0), we expect to see an increase in the ratio of red to green QD
fluorescence (favorable quenching of the higher energy fluorophores). In order to eluci-
date the functional moieties responsible for the quenching behavior of the pentablock
copolymer, a family of poly(dimethylaminoethyl methacrylate) (PDEAEM) homopoly-
mers and Pluronic F127 were included in the study. These polymers comprise the
end blocks and core triblock segments of the pentablock copolymer, respectively. As
shown in Figure 4.5, pentablock copolymers and PDEAEM homopolymers preferen-
tially quenched QD519 (higher QD611/QD519 photoluminescence ratio) whereas DNA
quenched each QD population about equally (ratio near 1.0). Conversely, Pluronic
F127 had no measurable effect on the QD emission spectra (data not shown), indicating
that the core triblock structure (PEO100-b-PPO65-b-PEO100) played no direct role in
the quenching achieved with the full pentablock copolymer. The terminal PDEAEM
blocks on pentablock copolymer are therefore likely to be the essential functional seg-
ments responsible for QD quenching, either by directly deactivating fluorescence re-
laxation pathways or aggregating QDs together. Notably, PDEAEM homopolymers
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exhibited variable quenching effects depending on polymerization degree (i.e., molecular
weight). Although we observed greater quenching in the QD519 population as compared
to QD611 for all polymers, this result alone is insufficient to demonstrate energy transfer
from QD519 to QD611 unless isolated control populations of QD519 have an equal or
lesser tendency to be quenched in the presence of polymer than QD611. To this end,
we studied these two populations of QDs separately and found that QD611 was more
readily quenched by pentablock and PDEAEM homopolymers than QD519 (Figure 4.6),
which contrasts the observations using mixed QD populations and provided compelling
evidence of energy transfer from QD519 to QD611. The quenching data shown in Fig-
ure 4.5(c) and 4.6(c) were combined into one graph to summarize the differences in
polymer-induced quenching behavior between isolated and mixed QD samples. The
normalized quenching ratio, (Q611/Q519)mixed/(Q611/Q519)separate, was calculated
and shown in Figure 4.7 where ratios below 1.0 correspond to preferred quenching of
the QD519 population in mixed QD samples, as is expected from Fo¨rster theory. From
these data, we can conclude that FRET is the dominant quenching mechanism for QDs
exposed to pentablock copolymers in solution. Similarly, PDEAEM homopolymers also
showed capacity to facilitate self-quenching (Figures 4.5(c) and 4.6(c)) and preferential
QD519 quenching in mixed samples as summarized in Figure 4.7. As the polymerization
degree of homopolymer increased from 15 to 35, the overall quenching increased slightly,
and would presumably continue to increase as the molecular weight increased further.
In particular, the pentablock copolymer led to nearly complete quenching of QDs
when the concentration of PDEAEM block was as high as that in other homopolymers
(Figure 4.6(b)), suggesting pentablock copolymers are more efficient at quenching QDs
compared to homopolymers when holding the total mass of available PDEAEM con-
stant. This is notable because the core triblock Pluronic F127 alone showed no quench-
ing effect with QDs whatsoever. In an effort to elucidate the mechanism of quenching
initiated by different polymers, varying amounts of PDEAEM homopolymers having
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degrees of polymerization of 15 (Homo15) and 35 (Homo35) were mixed with QDs to
study quenching as a function of concentration. As shown in Figure 4.8, the relation-
ship between quenching extent and homopolymer concentration was well-described by
the same Stern-Volmer model (equations 4.1 and 4.2) used to characterize pentablock
copolymer-induced quenching, indicating that homo- and pentablock polymers share a
similar mechanism of QD quenching. However, the fitted quenching constants, KD, for
Homo15 and Homo35 were found to be 0.85 mM−1 and 4.7 mM−1, respectively, far lower
than the 26.5 mM−1 value measured using pentablock copolymer. The unique micellar
structure of pentablock copolymers in solution likely accounts for this discrepancy where
several QDs can bind each micelle thus facilitating and enhancing self-quenching.
FRET-induced fluorescence quenching is expected to show strong wavelength depen-
dence due to variations donor-acceptor spectral overlap. In our study, all PDEAEM-
containing polymers showed obvious wavelength-dependent quenching behavior when
mixed with QDs. Quenching measured as a function of wavelength (Figure 4.9) ap-
peared similar in shape to a plot of the spectral overlap function from Fo¨rster theory,
J(λ), (not shown) which considers the QD emission and absorption spectral overlap;
this further implicates a QD-to-QD self-quenching mechanism. Static quenching could
also occur through complexation between the pentablock copolymer and QDs, although
this type of quenching typically shows little dependence on wavelength, as in a recent
example of static quenching of QDs by Medintz et al. [188], and is inconsistent with the
wavelength dependence shown in Figure 4.9. Although substantial quenching of QDs
takes place immediately in the presence of PDEAEM homopolymer, maximum quench-
ing occurs several minutes after the initial mixing as shown in Figure 4.10. The measured
quenching dynamics are consistent with multiple time scales associated with static and
dynamic processes, but also reflect the unique aspects of the QD-polymer system. In this
case, we infer that immediate quenching results from collisions among QDs and polymer
molecules, but that static complexation of QDs and polymers requires additional time
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to reach equilibrium resulting in saturated quenching after several minutes. The concept
of static quenching in this system is unusual as it is dominated by QD self-quenching
interactions which are mediated by associations with polymer.
4.4 Conclusions
We have shown that water-soluble Cys-capped CdSe-ZnS QDs are capable of sensing
the dissociation of DNA/polymer polyplexes following exposure to chloroquine. Upon
exposure to free pentablock copolymer and/or DNA, the QD fluorescence is quenched
increasingly with concentration. The mechanism of fluorescence quenching was deter-
mined by exposing QDs to polymers and DNA individually and in various combinations.
Studies with PDEAEM homopolymers suggested that tertiary amines were the func-
tional groups responsible for quenching during exposure to the pentablock copolymer.
However, the greatest quenching effect was observed when using pentablock copolymer,
presumably due to its unique micellar conformation. QD fluorescence quenching was
modeled using modified Stern-Volmer equations that account for static and dynamic
quenching subject to modifications specific to DNA and PDEAEM. Studies with mixed
populations of QDs showed that energy transfer plays a significant role in the overall
quenching effect using PDEAEM and pentablock copolymer. These results collectively
suggest that these QDs have the potential to sense the dissociation of DNA cargo from
polyplexes both in vitro and within living cells.
4.5 Materials and Methods
4.5.1 Materials
Hexadecylamine (HDA, 90%), hexamethyldisilathiane (TMS2S), trioctyl phosphine
(TOP, 90%), and diethylzinc (Et2Zn) were purchased from Sigma-Aldrich (St. Louis,
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MO) and used as received. Cadmium acetylacetonate (Cd(acac)2) and selenium shot
(Se, 99.99%) were used as received from Strem Chemicals (Newburyport, MA). Tri-
octylphosphine oxide (TOPO, 98%) was obtained from Alfa Aesar (Ward Hill, MA) and
used as received. L-cysteine (≥ 99%) was purchased from Acros Organics and used
as received. Chloroquine diphosphate salt was obtained from Sigma-Aldrich. Pluronic
F127 [(PEO)100-b-(PPO)65-b-(PEO)100], (where PEO represents poly(ethylene oxide)
and PPO represents poly(propylene oxide)) was donated by BASF (Florham Park, NJ)
and used without further modification. Chloroform and carbon disulfide (CS2) were
used as received from Fisher Scientific (Pittsburgh, PA). 6.7kb pGWIZ-luc (GeneTher-
apy Systems Inc, CA) plasmid was purified with Qiagen HiSpeed Maxi Kit (Qiagen,
Valencia, CA).
4.5.2 Preparation of Water-Soluble QDs by Ligand Exchange
CdSe-ZnS core-shell QDs were synthesized using a method previously reported by
Clapp et al [160]. and Howarth et al. [68] with some minor modifications. Briefly, ap-
propriate quantities of hexadecylamine (HDA) and trioctyl phosphine oxide (TOPO,
∼10-30 g) were melted in a three-neck round bottom flask at ∼150◦C followed by de-
gassing under vacuum and purging with N2 via a Schlenk line. The mixture was further
heated above 300◦C where cadmium acetylacetonate (Cd(acac)2) and selenium precur-
sor (1 M trioctylphosphine coordinated selenium, TOP:Se ) were rapidly injected by
syringe into the flask through a rubber septum. The temperature was then abruptly re-
duced to 80◦C to arrest the nanocrystal growth and ensure a narrow size distribution of
CdSe core particles. CdSe cores were subsequently overcoated with multiple ZnS layers
(three or more) by dropwise addition of diethylzinc (Et2Zn) and hexamethyldisilathiane
((TMS)2S) at ∼140◦C. The resulting core-shell QDs were allowed to stir and anneal at
80◦C overnight.
To render CdSe-ZnS QDs water soluble, a biphasic ligand reaction and exchange
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procedure was employed which we have reported recently [189]. Briefly, CdSe-ZnS QDs,
having been purified by three-fold precipitation in dry methanol, were re-suspended in
chloroform (CHCl3). Carbon disulfide (CS2) was added to the CHCl3 organic layer
containing the QDs. A second aqueous phase was added to the 20 mL glass reaction
vial containing dissolved cysteine (Cys). During 24 h of vigorous stirring, CS2 and
Cys reacted to form dithiocarbamate (DTC) ligands having high affinity for the QD
surface. The newly hydrophilic Cys-capped QDs were collected from the aqueous layer
and further purified using a 50k MW cutoff membrane filter (Millipore, Billerica, MA)
and PD-10 chromatography column (GE Healthcare, Piscataway, NJ).
4.5.3 Preparation of Pentablock Copolymers and Homopolymers
Poly(diethylaminoethylmethacrylate)(PDEAEM)/Pluronic F127 pentablock copoly-
mers and PDEAEM homopolymers were synthesized via atom transfer radical polymer-
ization (ATRP). The detailed procedure has been described elsewhere [190].
4.5.4 Polyplex Formation
Appropriate amounts of pentablock copolymer in HEPES buffer and plasmid DNA
in water was mixed at N/P (nitrogen/phosphorus) ratio of 20, followed by incubation
at room temperature for 30 min to ensure complete complexation.
4.5.5 Measurement of Fluorescence
The fluorescence spectra of QDs in the presence of pentablock copolymers, poly-
plexes, DNA, chloroquine, and homopolyemers were measured by a dual monochromator
spectrofluorimeter (Fluoromax-4, Horiba Jobin Yvon) with excitation at 370 nm and slit
widths of 3 nm (excitation and emission). To ensure an equilibrated interaction between
QDs and other reagents, mixtures were allowed to incubate for 30 min following addition
of QDs to each sample.
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Figure 4.1 (a) Fluorescence spectra showing the influence of pentablock
copolymer (penta), DNA, CLQ, and penta/DNA polyplex on
the fluorescence emission of QD615. (b) Fluorescence spectra
showing the influence of penta, DNA, and polyplex on the fluo-
rescence emission of QD615. (c) Influence of CLQ when polyplex
and QD615 are mixed together. (d) Plot of QD615 quenching











Figure 4.2 Schematic illustration of the mechanism of sensing pentablock
copolymer/DNA polyplex dissociation using QDs. QDs can be
quenched by the free pentablock copolymer and/or free DNA,
but not by penta/DNA polyplex. Once polyplex dissociates, the
released pentablock copolymer and DNA will lead to QD quench-
ing in such a way that polyplex dissociation can be monitored




Figure 4.3 Quenching of QD as a function of concentration of the
pentablock copolymer (penta): (a) Fluorescence spectra and (b)




Figure 4.4 Fluorescence emission/quenching of QD as a function of DNA:
(a) measured QD emission spectra, (b) integrated QD quenching
(F0/F ), (c) normalized quenching versus inverse DNA concen-




Figure 4.5 Quenching of two mixed populations of QDs by DNA,
pentablock copolymer (penta) and poly(dimethylaminoethyl
methacrylate) homopolymers with polymerization degree of 15
(Homo15) and 35 (Homo35). (a) Fluorescence spectra of QD519
and QD 611 (initially having similar intensities) mixed with var-
ious polymers. (b) Calculated ratios of the peak QD heights
(QD611/QD519) shown in (a). (c) Degree of quenching for both




Figure 4.6 Fluorescence emission spectra indicating quenching of separate
populations (a) QD519 and (b) QD611 by pentablock copoly-
mer (penta) and poly(dimethylaminoethyl methacrylate) ho-
mopolymers with polymerization degree of 15 (Homo15) and
35 (Homo35) at concentration of 2 mg/mL. Penta(h) in (b)
refers to a high concentration of pentablock copolymer contain-
ing the same amount of PDEAEM as in other homopolymers.
The quenching efficiency was given as F0/F and is depicted in
(c).
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Figure 4.7 The normalized ratio of quenching of QD611 (Q611) to quench-
ing of QD519 (Q519) in mixed samples. Q denotes quenching
extent, defined as F0/F ; normalization was achieved by dividing
the ratio of Q611/Q519 for mixed QDs by the ratio for sep-
arate QDs. The normalized ratio indicates quenching by en-
ergy transfer between QD611 and QD519 in mixed QD samples
where a value <1.0 is consistent with preferential quenching of
the QD519 population (which was true for all three polymer
tested).
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Figure 4.8 Quenching of QDs as a function of concentration of homopoly-
mers (Homo15, Homo35). Squares show plots of quenching using
the standard definition of F0/F . Triangles show a rescaled ver-
sion of quenching consistent with a Stern-Volmer model of static
and dynamic quenching. The latter definition provides a linear
fit to the data.
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Figure 4.9 Wavelength dependent quenching of QDs in the presence of var-
ious polymer quenchers.
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Figure 4.10 Homo15 induced quenching of QD with time. Fluorescence of
QDs in the absence of quencher (Homo15), F0, was measured at
different time points to provide accurate control for correspond-
ing measure of sample quenching. Equilibrium was reached in
about 10 minutes.
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CHAPTER 5 MIXED-SURFACE LIPID-TETHERED
QUANTUM DOTS FOR TARGETING CELLS AND
TISSUES
Modified from a paper to be submitted to ACS Nano
Yanjie Zhang, Amanda Riddle, Elizabeth M. Whitle, Ian C. Schneider and Aaron R.
Clapp
5.1 Abstract
Quantum dots (QDs), with their variable luminescent properties are rapidly tran-
scending traditional labeling techniques in biological imaging and hold vast potential
for biosensing applications. An obstacle in any biosensor development is target speci-
ficity. Here we report a facile procedure for creating QDs targeted to the cell membrane
with the goal of cell-surface protease biosensing. This procedure generates water-soluble
QDs with variable coverage of lipid functional groups. The resulting hydrophobicity
is quantitatively controlled by the molar ratio of lipids per QD. Appropriate tuning of
the hydrophobicity ensures solubility in common aqueous cell culture media and while
providing affinity to the lipid bilayer of cell membranes. The reaction and exchange
process was directly evaluated by measuring UV-vis absorption spectra associated with
dithiocarbamate formation. Cell membrane binding was assessed using flow cytometry
and total internal reflection fluorescence imaging with live cells, and tissue affinity was
measured using histochemical staining and fluorescence imaging of frozen tissue sections.
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Increases in cell and tissue binding were found to be regulated by both QD hydropho-
bicity and surface charge, underlying the importance of QD surface properties in the
optimization of both luminescence and targeting capability.
5.2 Introduction
For over a decade, luminescent quantum dots (QDs) have held potential to revolution-
ize biological imaging applications including cell labeling and biosensing [171, 172, 191–
194]. Despite many reported methods for their preparation, biocompatible QDs have
been limited in these applications largely due to the shortcomings of surface ligands
that confer solubility in water. The dispersion of QDs in water can be driven by either
electrostatic stabilization through capping exchange with small charged ligands [9, 10,
52, 57, 195, 196] or steric stabilization through coating with polymers [1, 43, 197, 198].
Small ligands containing mono- or bidentate thiol species have been used extensively to
endow QDs with water-solubility. Due to relatively weak interactions with the nanocrys-
tal surface, monothiol ligands usually cannot provide long-term colloidal stability [51].
Although the stability can be improved by using dithiol molecules, the loss of quantum
yield and aggregation in biological buffers (acidic conditions and/or high salt concentra-
tion) are persistent concerns. Polymer-coated QDs offer exceptional stability, yet their
bulky size [44, 45] which might limit their access to confined cellular compartments in
vitro or exclude their renal clearance in vivo. Our lab has overcome these challenges
by developing a facile reliable method method for generating soluble, small diameter,
highly luminescent QDs using dithiocarbamate (DTC) ligands [? ]
A compelling application of QDs is their use as biosensors for observing biological
processes such as enzymatic activity. This creates a need for targeting QDs toward
particular tissues, cells or subcellular structures. Membrane-bound protease activity
has drawn increasing attention due to its implied role in cancer invasion and metasta-
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sis [199–201]. There is an unfulfilled niche for a biosensor that can detect proteolytic
activity in cell membranes for the evaluation of metastatic potential in cancerous cells
at an early stage. The optimal protease biosensor for this application exhibits bright
luminescence and binds the plasma membrane with high affinity. Most current protease
biosensors employ cleavage peptides which link quenched organic dyes [202–204] or vari-
ants of green fluorescence protein (GFP) [205–208]. While these methods are popular,
quenched organic dyes usually lack targeting ability, and both organic dyes and GFP-
based biosensors photobleach readily under continuous illumination. Variants of GFP
are often used in combination to detect cell surface protease activity through changes
in Fo¨rster resonance energy transfer (FRET). However, this requires genetic expression
of GFP, limiting prospects for detection in vivo or for use in diagnostic samples. Con-
sequently, QDs are more desirable candidates for biosensing applications due to their
broad absorption spectra, narrow and size tunable emission spectra, and superior resis-
tance to chemical/physical degradation. Most QD-based biosensors have used antibodies
to target specific proteins of interest [209–212]. Although the specificity is very high,
the large size (20-50 nm) of the conjugated antibody is a frequent concern [192, 213].
Another approach is to attach a relatively small lipid to the QD directly to confer bind-
ing [194], however the challenge is to retain aqueous solubility of the modified QD. Here
we report a procedure for generating QDs which have affinity for the hydrophobic lipid-
rich cell membrane while retaining aqueous solubility. The membrane localization and
hydrophilicity can be achieved simultaneously by coating QDs with a lipid-like molecule
hexadecylamine (HDA), and hydrophilic ligands based on dithiocarbamate (DTC) chem-
istry which was reported previously by our group [189]. The flexibility of this chemistry
offers a large pool of DTC precursor candidates, allowing for flexible tuning of both
hydrophobicity and surface charge of the QD.
In this study, we have developed a series of hydrophilic ligands of various charge
(lysine-DTC, aminopropanediol-DTC, and cysteine-DTC) and found that the affinity
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to the cell membrane is differentially affected by a combination of hydrophobicity and
QD charge. We subsequently tested the membrane binding affinity of the three different
ligand-conjugated QDs using flow cytometry and total internal reflection fluorescence
(TIRF) imaging on live cell cultures, and histochemical staining on fresh-frozen sections
of liver tissue. We found consistent binding trends between live cells and frozen tis-
sues that indicated that surface charge regulates how the degree of enhanced binding
conferred by the hydrophobic character of the QD. We intend to use these data to de-
velop heuristics based on hydrophobicity and surface charge that can guide the design
of QD-based biosensors of cell surface protease activity.
5.3 Results and Disscussion
Given our ability to fabricate small, highly luminescent QDs while controlling the sur-
face properties, we sought to generate mixed surface QDs having hydrophobic moieties
to enhance cell and tissue binding ability and hydrophilic moieties to enhance aqueous
solubility. Optimizing these properties in combination is a critical step towards gener-
ating QDs that efficiently bind to cells and tissues. To measure the ability of our mixed
surface QDs to bind cells and tissues we first evaluated the stability and fluorescence
of QDs in vitro, characterized the cell binding using complementary techniques of flow
cytometry and high resolution fluorescence microscopy and measured the tissue binding
using histologic techniques.
5.3.1 Fabrication and Characterization of Lipid Modified quantum dots
As described previously, DTCs are suitable multivalent ligands for attaching amino
acids and other primary amine containing molecules to CdSe-ZnS QDs, while preserving
colloidal stability and desirable optical properties. The flexibility of this approach allows
one to tune the balance of hydrophobicity/hydrophilicity which impacts the affinity of
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these QDs for the plasma membrane of cells. Consequently, we sought to modify a hy-
drophobic molecule containing a primary amine using DTC chemistry. This approach
was used in combination with hydrophilic ligands such as lysine, aminopropanediol and
cysteine which provided aqueous solubility. The particular hydrophilic ligands provided
options for charge. These included lysine(Lys, positive), aminopropanediol(AP, neutral),
and cysteine(Cys, negative). The alkyl amine HDA was selected due to its availability
as a stabilizing ligand in the QD fabrication process and its optimal chain length with
respect to the chain length of plasma membrane lipids. HDA readily reacts with CS2
to form a DTC, resulting in the characteristic absorbance peak at 260 nm and 290 nm
(Figure 5.1(a)). This molecule is hereafter referred to as HDA-DTC. QDs capped first
with hydrophilic molecules such as Lys can be mixed with an organic phase containing
HDA-DTC at different ratios (Figure 5.1(b)). We call these QDs, HDA-Lys-QDs. The
addition of different amounts of HDA-DTC molecules to QDs can detrimentally affect
the final QD preparation in two ways. First, if the number of HDA-DTC per QD is
moderately high, aggregation in the aqueous phase results in a higher background ab-
sorbance at high wavelengths due to increased light scattering (Figure 5.1(c)). This was
quantified as the turbidity index. Additionally, high coverage of HDA-DTC on QDs will
induce insoluble aggregates in the aqueous phase, driving particles into the organic phase
during the biphasic reaction(Figure 5.1(b)). This results in a lower measured absorbance
in the aqueous phase at short wavelengths due to a decreased soluble concentration. This
was quantified as the normalized aqueous concentration. Useful QD:HDA-DTC ratios
would then exhibit a low turbidity index and high normalized aqueous concentration,
resulting in a high solubility index. Using these metrics a 1:10 ratio performed better
than either 1:50 or 1:100 (Figure 5.1(c)).
Given that Lys-QDs accept HDA-DTC as an additional surface ligand, but increased
HDA-DTC results in aggregation, we wanted to more precisely examine the aggregation
state of HDA-DTC modified hydrophilic QDs, including those capped with Lys, AP
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and Cys (Table 5.1). We used both dynamic light scattering (DLS) and fluorescence
microscopy to quantify the size distribution of the QDs in different buffers that are rel-
evant to biological studies. These include water, a balanced salt solution (phosphate
buffered saline, PBS) and a cell media (Dulbeccos Modified Eagles Medium, DMEM),
some of which included protein additives commonly used with cells: bovine serum albu-
min (BSA) and fetal bovine serum (FBS). Aqueous buffers affected the aggregation of
even the hydrophilic QDs (Lys-QD, AP-QD, and Cys-QD) in non-intuitive ways. For
instance, Cys-QDs did not aggregate in PBS at all, but seemed to aggregate extensively
in DMEM, even though the pH and ionic strengths of the solutions are approximately
the same (Table 5.1). Additionally, protein additives commonly used in biological ap-
plications prevented aggregation of HDA-DTC modified QDs, however whether this
enhancement was seen with BSA or FBS depended on the hydrophilic ligand. Under-
standing aggregation of these different species of QDs is critical and was used to design
experiments for assessing cell and tissue binding.
Lys HDA-Lys Cys HDA-Cys AP HDA-AP
H2O 6.9 7.6 (3.9) 5.6 7.6 16 21
PBS 5.1 24 (150) 7.8 11 1201 35
PBS+FBS n.d. n.d.2 6.1 6.4 n.d. n.d.
PBS+BSA n.d. n.d. 10 15 n.d. n.d.
DMEM 6.7 22 (65) 2201 27 821 900
DMEM+FBS n.d. n.d.( 3.5) n.d. n.d. n.d. n.d.
DMEM+BSA 4.0 3.9 (4.4) 44 541 15 23
1 double peaks in the particle size distributions based on number.
2 conditions that were not done.
Table 5.1 Aggregation characteristics for different mixed surface QDs: Dy-
namic light scattering (DLS) and epi-fluorescence microscopy
(EFM) at low magnification (10×, with a pixel size of 645 nm)
was used to characterize the aggregation of differently coated QDs
in common buffers compatible with cells as well as the stock sol-
vent, water. Average size from DLS is reported in nanometers
and intensity standard deviation fold over background noise from
EFM is reported in parentheses.
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5.3.2 Quantification and Analysis of Cell Binding Ability of Lipid Mod-
ified Quantum Dots
In order to examine the affinity of these different hydrophilic ligands with and with-
out HDA-DTC towards live cells, we turned to flow cytometry studies where various
species of QDs were incubated in the presence of mouse fibroblast cells. Binding of both
HDA-Lys-QDs and Lys-QDs were dose dependent, however HDA-Lys-QDs were more
sensitive to the dose. A concentration of 1µM constituted the point at which significant
cell binding was observed and was used as a constant QD concentration for other flow
cytometry experiments. The cell binding behavior of HDA-Lys-QDs largely matched
the behavior of DiD, a common lipophilic dye used to stain cell membranes. While ex-
tinction coefficients, quantum yields and excitation/emission filter characteristics were
different between the HDA-Lys-QDs and DiD, HDA-Lys-QD binding was on the same
order of magnitude as DiD (Figure 5.2(a)). Interestingly, this dose response depended
on the number of freeze-thaw cycles experienced by the QD sample (Figure A.1). Con-
sequently, QDs having the same number of freeze-thaw cycles were used for analysis.
The cell binding of six different species of QDs (3 hydrophilic ligands +/- HDA-DTC)
were evaluated using flow cytometry where the enhancement due to the addition of HDA-
DTC was calculated. Because the fluorescence of the different species of QDs was slightly
different (Figure A.2), the flow cytometry fluorescence was normalized to the fluorescence
measured using a cuvette fluorometer. QDs bearing Cys ligands bound to cells with the
highest affinity (∼5× greater than the other QD species) (Figure 5.2(b)), however, this
binding was actually diminished by the addition of HDA-DTC. (Figure 5.2(c)). QDs
bearing Cys ligands contain free sulfhydryl groups that can form disulfide bonds with
cell surface proteins containing exposed Cys. This reaction might be inhibited to some
extent by the addition of lipid on the surface of the QD. Both Lys and AP showed lower
overall binding, but higher enhancement due to the addition of the HDA-DTC. All of the
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hydrophilic ligands resulted in net negatively charged QDs, but the charge order was the
same based on the charge of the hydrophilic ligand itself. Interestingly, enhancement due
to the presence of HDA-DTC was linearly proportional to the ζ-potential (Figure 5.2(c)).
This is significant and indicates that QD surface charge not only regulates solubility, but
impacts binding as well [214]. While we do not know how the enhancement would depend
on charge for QDs with an overall positive charge, developing QDs with charges close to
zero could increase the enhancement to ∼3.
While examining cells labeled with both DiD and QDs, we found that the addition
of a 10-fold higher concentration of lipophilic molecule like DiD enhanced the binding
of both HDA-AP-QDs and HDA-Cys-QDs and to a lesser extent AP-QD and Cys-QDs
(Figure 5.3). However, it decreased the binding of both Lys-coated QDs. This suggests
that lipid carriers might provide a mechanism by which to introduce these mixed surface
QDs, however the nature of the hydrophilic ligand must be considered. Given the
enhancement of the cell binding ability of HDA-Lys-QD over Lys-QD in buffers without
lipid additives, we turned to microscopy to analyse the QD binding and movement in
cells.
Mouse fibroblast cells were incubated with either Lys-QDs or HDA-Lys-QDs, washed
and allowed to spread onto fibronectin. After the cells spread, TIRF images were taken at
< 0.3 s time intervals. Lys-QD treated cells showed very few motile QDs (Figure 5.4(a)).
As a result the Lys-QDs exhibited a slower characteristic decay in the normalized au-
tocorrelation function (Figure 5.4(b) and Figure 5.4(c)). In contrast, there were clear
instances in HDA-Lys-QD-treated cells of motile particles on the ventral membrane
(Figure 5.4(a)). The length scale of motion (∼0.5 µm) of small particles over the sam-
pling time interval (∼0.6 s) yields a diffusion coefficient of ∼0.4 µm2/s, which is on
the order of the magnitude of membrane-tethered protein diffusion. Both Lys-QDs and
HDA-Lys-QDs were readily internalized, accumulating in vesicles docked at the ventral
membrane as they visible by TIRF. Both vesicle movement, a long timescale event and
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individual QD diffusion, a short timescale event impact the overall movement of punctae
in images. This movement can be quantified by calculating a temporal autocorrelation
value, which compares image intensity pixel-by-pixel over different time lags. Slower
moving puctae result in temporal autocorrelation curves that decrease at longer time
lags. Temporal autocorrelation functions were dramatically different between Lys-QDs
and HDA-Lys-QDs in boththe cell body and periphery (Figures 5.4(b) and 5.4(c)). In
fact, an autocorrelation model function that incorporates two distinct timescales for dif-
fusion from two different populations, vesicles (∼100 s) and single QDs (∼0.3 s), did not
fit the Lys-QD data (Figure 5.4(b)). Consequently, adding HDA-DTC QDs containing
hydrophilic ligands not only limited QD diffusion within the plane of the membrane, but
also impacted the measured temporal autocorrelation function significantly, supporting
the hypothesis that these QDs are membrane bound.
5.3.3 Quantification and Analysis of Tissue Binding Ability of Lipid
Modified Quantum Dots
Given that HDA-DTC enhances the cell binding of some, but not all hydrophilic
QDs and that there is variability in cell binding among QDs with different ligands,
we tested if similar behavior could be observed in animal tissues. Consequently, we
prepared 3-micron thick frozen tissue sections from canine livers, incubated these samples
with QDs, Alexa Fluor 488-labeled phalloidin and DAPI, and evaluated QD binding
quantitatively and qualitatively. Strong similarity exists between the trends of overall
cell tissue binding (Figures 5.5(a) and 5.5(b) and Figure 5.2(b)). Each species of QD
demonstrated enhanced binding to the borders of cells in the hepatic parenchyma using a
one test, with the theoretical mean=1.000 and p=0.05. QDs appeared to bind peripheral
to the cytoplasmic actin network near basal cytoplasmic margins of hepatocytes, the
location of the cell membrane of hepatocytes, with differences in cell border binding
among QD constructs. Both Cys- and Lys-coated QDs show enhanced binding when
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HDA-DTC is added, with the addition of HDA-DTC resulting in a statistically significant
difference in cell border binding for Cys-QDs (p=0.008) (Figures 5.5(a) and 5.5(b)). On
the other hand, AP-coated QDs bind cells well, but the addition of HDA-DTC reduces
the preferential binding to the cell border, p=0.0012. The subcellular distribution of
QDs supports the hypothesis that the QDs differentially bind to some components of
the plasma membrane and cytoplasm.
Differential binding was not, however, limited to the plasma membrane and cyto-
plasm. Hepatic cords are composed of hepatocytes arranged with stringent apicalbaso-
lateral polarization that reflects some of the physiologic function of the liver, namely
the uptake, processing, metabolism, transport, and excretion of many metabolic and
toxic molecules, as well as the production of bile. The apical membrane of hepatocytes
lining bile canaliculi is a site of intense secretory transport involved in the produc-
tion of bile, a secretion of hepatocytes that functions to some extent as a surfactant,
emulsifying lipids in the digestive tract. None of the QD types co-localize with the
F-actin-dense microvilli of the apical hepatic membrane lining bile canaliculi between
hepatocytes (Figure 5.5(a)). We theorize that differences in QD binding between the
apical and basolateral membranes of hepatocytes are due to compositional differences in
these membrane domains. Additionally, all species of QDs and HDA-QDs demonstrated
multifocal, variably intense perinuclear binding (”capping”) of the nuclei of some hepa-
tocytes and possibly other cell types, likely Kupffer and endothelial cells (Figure 5.5(d)).
We theorize that the perinuclear capping may be related to the presence of intracytoplas-
mic membrane-rich regions, such as Golgi apparatus and other organelles, or, possibly, to
positively charged molecules attracted to the negative charge of DNA, or to the negative
charge of DNA itself.
Having observed this spatial inhomogeneith of QD binding among membrane com-
ponents with different functions, we examined QD-labeling of complex architectural
structures in the frozen liver sections (Figure 5.6).
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5.4 CONCLUSION
In this paper we showed that surface ligands on QDs can dramatically affect solu-
bility in different buffers. This is of vital importance in designing a biosensor as many
solvents are not compatible with cells and tissues. Second, QD surface charge can tune
the degree of cell and tissue binding enhancement by hydrophobic molecules. We expect
this phenomenon to drive other targeting approaches using either hydrophobic alpha-
helix forming peptides [215] or specific targeting peptides [216]. Finally, QDs lacking
specific targeting mechanisms such as antibody-antigen or ligand-receptor interactions
are able to spatially localize to both subcellular and anatomical structures. Tuning sur-
face charge and hydrophobic character is expected to allow development of new tools
for histology that can complement techniques such as immunohistopathology. Conse-
quently, designing biosensors with targeting characteristics does not solely rest on finding
a specific receptor-ligand pairs, but also depends dramatically on nonspecific interactions
that originate from the nanoparticle and, importantly, that can be controlled. Using the
nonspecific interactions of surface charge and hydrophobicity to tune the system might
be a better approach to optimize binding than attempting to eliminate nonspecific in-
teractions completely.
5.5 MATERIALS AND METHODS
5.5.1 Materials
Hexadecylamine (HDA, 90%), hexamethyldisilathiane ((TMS)2S), trioctyl phosphine
(TOP, 90%), L-lysine (98%), 3-amino-1,2-propanediol (97%) and diethylzinc (Zn, 52.0
wt %) were purchased from Sigma-Aldrich and used as received. Cadmium acety-
lacetonate (Cd(acac)2) and selenium shot (Se, 99.99%) were used as received from
Strem Chemicals. Trioctyl phosphine oxide (TOPO, 98%) and n-hexylphosphonic acid
98
(HPA) were obtained from Alfa Aesar and used as received. L-cysteine (99%) was
purchased from Acros Organics. Chloroform and carbon disulfide (CS2) were from
Fisher Scientific. Mouse Embryonic Fibroblasts (MEFs) were obtained as frozen stock
from Rick Horwitz (UVA). Cell media and additives including, Dulbeccos Modified
Eagles Medium (DMEM), phosphate-buffered saline (PBS), trypsin, GlutaMAX, peni-
cillin/streptomycin and fetal bovine serum (FBS) as well as fluorescent reagents such
as Alexa Fluor 488-phalloidin, DAPI, and DiD were purchased from Invitrogen. Bovine
serum albumin (BSA) was from Sigma.
5.5.2 CdSe-ZnS Quantum Dot Synthesis
The CdSe-ZnS QDs used in this work were synthesized using the method published
previously by our group. Briefly, in a typical procedure, a flask containing TOPO, TOP
and HDA were degased under vacuum for three hours at 140◦C before being heated to
340◦C at which cadmium (Cd(acac)2) and selenium precursor (1 M TOP:Se) were rapidly
injected. The temperature was immediately lowered (< 100◦C) once the desired size had
been reached. After annealing overnight, the excess selenium/cadmium precursor was
removed by centrifugation and the CdSe cores were kept in a mixture of toluene, butanol
and hexane. To protect the core from oxidation and improve quantum yield, the cores
were then overcoated with multiple ZnS layers (3-5). During the shell synthesis, CdSe
cores were added into the degassed ligand mixture (TOPO and HPA) where solvent was
removed by a liquid nitrogen solvent trap, followed by the slow addition of Zn and S
precursors via a programmable syringe pump (0.4 mL/min). The synthesized CdSe-ZnS
core-shell QDs were again allowed to anneal overnight at 80◦C and then stored in a
mixture of solvents (toluene, hexane and butanol).
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5.5.3 Biphasic Ligand Exchange
The ligands used in this study were lysine (Lys), aminopropanediol (AP), and cys-
teine (Cys); these ligands attached to the QD surface via on DTC functional group
through biphasic ligand exchange process [189]. In short, equimolar amount of amine
precursors and carbon disulfide were mixed with ultrapurified water (Milli-Q system,
Millipore). Purified CdSe-ZnS QDs (excess hydrophobic ligands had been removed, dis-
solved in chloroform were then added to the solution. The mixture was stirred vigorously
for 24 hours at room temperature or until all hydrophobic QDs had been transferred to
upper water phase. Excess ligands were removed using an Amicon Ultra-4 50 k MWCO
centrifugal filter (Millipore) and followed by passing through PD-10 chromatography
column (GE Healthcare).
Hydrophobic HDA ligands where attached to the QD surface using a similar ap-
proach. Instead of forming DTC in water, HDA-DTC was produced in chloroform by
reacting with carbon disulfide. This was mixed with water-soluble QDs and stirred
overnight at room temperature. The amount of HDA-DTC per QD was varied by con-
trolling the concentration of HDA and CS2 in the organic phase.
5.5.4 Cell Culture
Mouse Embryonic Fibroblasts (MEFs) were used for all live cell experiments. Cul-
tures were maintained using DMEM with phenol red + 10% FBS, 2% GlutaMAX and
1% penicillin/streptomycin. Cells were harvested using trypsin.
5.5.5 Flow Cytometry
All flow cytometry experiments used live MEF cells at approximately 500,000 cells per
sample. QD solutions at 1 µM and/or DiD solutions at 10 µM with appropriate media
were incubated with cells for 30 minutes and then washed twice with appropriate media.
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The media used for a particular sample was determined by Table 5.1: Lys-, Lys-HDA,
AP- and AP-HDA-QDs were incubated in DMEM + 1 mg/ml BSA without phenol red
and Cys and Cys-HDA-QDs were incubated in PBS. All QDs used in each experiment
had the same number of freeze/thaw cycles. The samples were stored on ice for up
to 5 hours after washing to suppress endocytosis. Flow cytometry experiments were
conducted at the Iowa State University flow cytometry facility. Mean fluorescence from
flow cytometry was background-substracted and divided by the background subtracted
mean fluorescence of the same QD sample measured using 442 nm excitation wavelength
and 605 nm emission wavelength in solution in a Fluoromax-4 dual monochromator
spectrofluorometer (Horiba Jobin-Yvon) with a 0.1 s integration time.
5.5.6 Dynamic Light Scattering
Dynamic light scattering was performed using a Malvern Zetasizer Nano-ZS90. The
intensity correlation curve was collected at 25◦C at a scattering angle of 90◦.
5.5.7 TIRF Live Cell Imaging
All live cell time lapse imaging experiments used MEF cells at concentrations per
sample conducive to obtaining single cell images, approximately 2 to 5 million cells/ml
in a 35 mm tissue culture dish. Cells were labeled with 1 µM DiD for 10 minutes in
DMEM with phenol red + 10% FBS, 2% GlutaMAX and 1% penicillin/streptomycin
and then suspended in DMEM lacking phenol red + 10% FBS, 2% glutamax and 1%
penicillin/streptomycin, 12 mM HEPES containing Lys-QDs or Lys-HDA-QDs. Con-
centrations of QDs ranged from 100 nM to 1 µM. Cells with QDs were washed 3× at low
speeds in the imaging medium described above in order to eliminate unbound and/or
aggregated QDs. Samples were placed in chamber slides with coverslips coated in either
30 µg/ml collagen or 10 µg/ml fibronectin. Cells were then imaged after spreading had
occurred. Imaging was conducted on a Nikon TiE through-the-objective, total internal
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reflection fluorescence (TIRF) microscope. Images were collected through ApoTIRF,
60×, 1.49 NA Nikon objective. The images were collected on an Andor iXon888 EM-
CCD at a frame rate of > 3 Hz. Consequently, 100 to 1000 frames and time intervals
ranging from 90 ms to 600 ms were taken. Correlation analysis was performed as de-
scribed elsewhere [217]. Breifly, small regions were selected on the cell and the following
equation was used to calculate the temporal autocorrelation function, r as a function of














where X is the number of pixels in a region of interest, N is the total number of frames,
Ij is the image gray value at each pixel in the region of interest at frame j and I¯ is the
spatial average image gray values in the region of interest at frame j. Three sections
of the lamellopodia of each cell were selected to be analyzed along with the cell body
and a cell free area. The autocorrelation function was normalized using the following
equation:
rnorm(i) = r(i)/r(1) (5.2)
The data was fitted to a model that describes two different populations diffusing at
different rates. We hypothesize that these populations are QDs diffusing on the surface
and vesicle-containing QDs diffusing in the cell. The following equation was used for














Fits were performed using lsqcurvefit in MATLAB. Confidence intervals for param-
eters were calculated at the 95% level using nlparci.
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5.5.8 Histology
Liver samples were collected from left-over hepatic tissue after a diagnostic post-
mortem examination of a young dog that died after acute vehicular trauma. Liver
samples were snap-frozen in Optimal Cutting Temperature (OCT) medium (Tissue-Tek)
and were sectioned to 3-microns and mounted on aminoalkylsilane-coated coverslips.
Samples were incubated for 30 minutes at room temperature with a mixture of individual
QDs species at 0.5 M, 4’6-diamidino-2-phenylindole (DAPI), and Alexa 488-Phalloidin
(Invitrogen). Samples on coverslips were then washed gently three times with DMEM
for Lys-QD, Lys-HDA-QDs, AP-QDs and AP-HDA-QDs and with PBS for Cys-QDs and
Cys-HDA-QDs, mounted on a glass slide using Vectashield HardSet Mounting Medium
for Fluorescence (Vector Laboratories), and allowed to dry. Histological sections were
imaged through a Plan Fluor, 20×, 0.45 NA Nikon objective. Histologic images were
collected on a Photometrics HQ2 CCD.
5.5.9 Computer aided image analysis for QD-binding intensity
Image intensity analysis was performed on at least 7 images for each slide using Adobe
Photoshop CS5. Briefly, images were opened in Photoshop and an area of interest (cell
border, cytoplasm, or sinusoidal background) was selected using the ”magic wand” tool,
set to tolerance of 3. The area was expanded using the ”similar” function, and the mean
number of pixels at each intensity level(corresponding to the mean binding intensity) was
recorded for five different locations on each image. The ratio of sinusoidal cell border to
cytoplasmic binding was calculated by first subtracting the background binding intensity
for each location and using the mean of the five locations to represent the data from
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Figure 5.1 Synthesis of soluble lipid-tethered QDs using partial lig-
and exchange: (a) CS2 reacts with HDA on its primary amine
to form a DTC-containing hydrophobic molecule. Absorbance
spectra are show for products and reactants. (b) Photographs
show the two phase system after partial ligand exchange with
HDA-DTC. The aqueous phase (red) is on the top and the
organic phase (clear or cloudy) is on the bottom. Different
QD:HDA-DTC ratios are shown. (c) Absorbance spectra of
HDA-Lys-QDs (1:10 QD:HDA-DTC ratio) and Lys-QDs (before
partial exchange with HDA-DTC). Turbidity index, normalized
QD concentration and solubility index (turbidity index/ nor-
malized QD concentration) was calculated for HDA-Lys-QDs in
aqueous solution with different QD:HDA-DTC ratios.
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(a) (b) (c)
Figure 5.2 Lipid-tethered QDs show differential cell binding: (a)
Mean background subtracted fluorescence from flow cytometry
is shown as a function of fluorescent probe dose. Cells were in-
cubated for 30 minutes with DiD (a lipid dye), HDA-Lys-QDs
or Lys-QDs at the given concentrations (N = 3). (b) Normal-
ized fluorescence from flow cytometry after cells were incubated
with 1µM QD for 30 minutes. Normalized fluorescence was cal-
culated as the mean background substracted fluorescence from
flow cytometry is divided by the background substracted fluores-
cence of the same concentration of QD as measured by a cuvette
fluorometer (N > 5). (c) Black bars: The fluorescence signal
from flow cytometry of the HDA-derivative divided by the fluo-
rescence signal from QD before HDA exchange (N > 5). Grey
bars: The particle charge for Lys (N = 2), Cys (N = 3) and AP
(N = 1). All error bars represent 95% confidence intervals.
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Figure 5.3 DiD enhances the cell binding of lipid-tethered QDs:
DiD-mediated binding enhancement was measured using flow
cytometry. Mean background subtracted fluorescence of cells
incubated with 1 µM QD and 10 µM DiD was divided by the
mean background substracted fluorescence of cells incubated





Figure 5.4 Lipid-tethered QDs show differential mobility in the cell
membrane: (a) Cells were incubated with 0.3-1 µM Lys-QD
or HDA-Lys-QD before imaging using TIRF. The whole cell is
shown on the left and a montage of images take 600ms apart
is shown to the right. The arrow marks a mobile QD in the
cell membrane. The scale bar is 10 µm. (b) TICS was used to
construct normalized autocorrelation as a function of time lag
for particles in the cell body. Left: Average normalized auto-
correlation for multiple cells over three days for both Lys-QDs
(N = 20) and HDA-Lys-QDs (N = 14) is shown with error bars
representing 95% confidence intervals. Right: Model of 2D dif-
fusion of two different populations (red) is shown with the data
(black). Characteristic diffusion times are presented to the right
with 95% confidence intervals included in the brackets. (c) TICS
was used to construct normalized autocorrelation as a function
of time lag for particles in the lamellipodia of cells. This was
done for three regions in a cell for multiple cells over three days
for both Lys-QDs (N = 20) and HDA-Lys-QDs (N = 14). Mea-




Figure 5.5 Lipid-tethered QDs show differential binding to liver
tissue: (a) Liver tissue frozen sections were incubated with
1 µM QD and phalloidin for 30 minutes. Homogeneous fields
were imaged using low magnification widefield fluorescence mi-
croscopy. HDA-derivatives and their corresponding control QD
before HDA exchange were scaled the same. Left: QD signal
is shown. Middle: Phalloidin (F-actin) signal is shown. Right:
Overlay of QD signal (green) and F-actin signal (red). (b) Mean
field background subtracted fluorescence was quantified for the
different QDs (N > 10 fields). This fluorescence was not normal-
ized by intrinsic QD fluorescence as in Figure 5.2. (c) Cortical
cell membrane fluorescence divided by cytosolic fluorescence was
quantified for the different QDs (N > 10). (d) Cells prepared as
in A Left: HDA-Cys-QD signal is shown. Middle:DAPI signal
is shown. Right: Overlay of QD signal (green) and DAPI signal
(red). All error bars represent 95% confidence intervals. Scale
bars are 20 µm.
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Figure 5.6 QDs localize to distinct regions in liver tissue: Top:
Liver tissue section stained with HDA-Lys-QD (green), phal-
loidin (actin) and DAPI (blue) as in figure 5.5. Bottom: Liver
tissue section stained with Cys-QD (green, left) or HDA-Cys-QD
(green, right), phalloidin (actin) and DAPI (blue) as in figure
5.5.
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CHAPTER 6 PREPARATION OF QUANTUM
DOT-EMBEDDED POLYMERIC NANOPARTICLES USING
FLASH NANOPRECIPITATION
Modified from a paper to be submitted to ACS Applied Materials and Interfaces
Yanjie Zhang and Aaron R. Clapp
6.1 Abstract
We developed a unique and efficient method to encapsulate quantum dots within am-
phiphilic polymer micelles using the flash nanoprecipitation technique and various mi-
cromixers (multi-inlets vortex mixer, MIVM, and confined impinging-jet mixer, CIJM).
Owing to the rapid homogeneous mixing provided by the micromixers, we produced
highly stable QD-embedded particles with very narrow size distributions. By adjusting
the solvent-to-nonsolvent ratio, homopolymer concentration, and micromixer arrange-
ment, the resulting mean particle diameter was varied from 90 to 800 nm. Additionally,
the self-quenching of quantum dots, which is commonly observed in confined systems,
was nearly eliminated by adding hydrophobic homopolymer during mixing. This tech-
nique results in controllable, rapid synthesis of fluorescent polymeric particles that are
stable for many months. Potential applications of this method include the efficient
synthesis of fluorescent tracer particles, tags for optical barcoding applications, and
biosensors that utilize fluorescence resonance energy transfer (FRET).
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6.2 Introduction
Luminescent quantum dots (QDs) have been used widely in many biological appli-
cations including cellular targeting and imaging [218], in vivo animal imaging [219],
biosensors [83, 220], and multicolor microarrays [221] due to their unique optical prop-
erties. Compared to conventional fluorophores such as organic dye molecules, QDs have
broad absorption, narrow size-tunable and symmetric emission spectra, and large ab-
sorption cross-sections. Their size-dependent optical properties are attributed to the
three-dimensional quantum confinement of charge carriers (electrons and holes). These
superior properties endow them unique photophysical characteristics having consider-
able advantages over conventional dyes in many applications including an unusually
high resistance to photobleaching.
Encapsulating QDs into microspheres or nanobeads is very attractive for a wide
range of applications including light-matter interactions [222], semiconductor microlas-
ing [223], and biological markers [11]. In optical barcoding, which requires quantitatively
embedding fluorophores with different colors into individual beads, the broad absorp-
tion of QDs is a significant advantage because only a single excitation source is required
to induce fluorescence among all fluorophores having distinct emission colors. In addi-
tion, the narrow emission spectra of QDs increases the number of attainable barcode
combinations [15].
The recent literature contains myriad methods for internalizing QDs into beads, how-
ever many of these have significant limitations. The most popular current approaches
include the following general categories: 1) Embedding hydrophobic QDs through emul-
sion and dispersion polymerization of styrene [224] or acrylates [225]. The drawback
of using this method is the potential aggregation of nanocrystals during polymerization
reaction. 2) Coupling QDs to polymer microspheres via polymerizable surface ligands
(phosphine-based [226, 227]). In this case, choice of the proper surface ligand is chal-
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lenging since it should not only be bound to the QD surface without affecting its optical
properties, but also have functional groups that directly participate the polymerization
reaction. 3) Incorporation of QDs by swelling of polymer beads in a solvent/nonsolvent
solution [15]. The main drawback with this method is that the QDs may ultimately
diffuse out of the polymer sphere once the solution environment changes. Additionally,
the loading capacity achieved this method is usually lower relative to other methods.
4) Entrapment of QDs via volumetric phase transitions of polymer gels [100]. In this
case, the loading of QDs may change the swelling behavior of the hydrogels; stability
also remains an issue. 5) Immobilization of charged QDs inside polymer microspheres
via electrostatic interactions [228, 229]. Both the polymer and QDs require surface-
modification; therefore, the choices of materials are limited. 6) Encapsulation of QDs
into polymers using a layer-by-layer deposition technique [95]. The binding of QDs to
the polymers may be weak since QDs are physically (rather than chemically) captured
into the polymer beads. 7) Embedding QDs into block copolymer micelles [101, 230–
232] or silica beads [99, 233, 234]. These methods commonly suffer from low loading
capacity, broad size distributions, and/or fluorescence quenching (∼75% luminescence
loss) due to the aggregation of QDs or surface modification [233]. Although Yang and
co-workers [102] reported that they were able to achieve high loading and narrow size
dispersity simultaneously, the quantum yield loss during the process was still relatively
large (∼25% decrease). Moreover, the preceding processes to make these QD embed-
ded polymer spheres are often time-consuming and costly which is perhaps the most
important practical factor.
With these limitations in mind, we explored a new method based on the recent par-
ticle synthesis technique of flash nanoprecipitation (as shown in Figure 6.1), which was
first reported by Johnson and Prud’homme [2]. In flash nanoprecipitation, hydrophobic
QDs and amphiphilic polymer are dissolved into a suitable organic solvent (tetrahydro-
furan, THF) that is miscible with water (nonsolvent). The rapid and turbulent mix-
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Figure 6.1 Schematic of flash Nano-precipitation [2].
ing of solvent and nonsolvent induces the spontaneous precipitation of QD-internalized
polymer micelles having tunable size and narrow size distributions depending on pre-
cise mixing conditions. Flash nanoprecipitation requires that the mixing time (τmix) is
much shorter than the aggregation time (τ agg) for polymer micelles (as shown in Fig-
ure 6.1). The microreactors used in this study (multi-inlet vortex mixer, MIVM [235],
and confined impinging jets mixer, CIJM [236], as shown in Figure 6.2), which have
very short mixing times (in the millisecond range), both meet this requirement. We
used these microreactors to obtain a wide range of sizes (90 to 800 nm) of QD-embedded
nanoparticles by adjusting the solvent-to-nonsolvent ratio and adding homopolymer dur-
ing mixing. This microreactor-based approach is fast (the process can be accomplished
within a few minutes) and flexible, and only hydrophobic QDs (requiring no additional
pre-processing steps) are needed. Theoretically, many types of copolymers with an
appropriate hydrophobic-hydrophilic balance are compatible with the technique. We
further found that the self-quenching of QDs was dramatically reduced along with size
polydispersity through the addition of hydrophobic homopolymers.
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Hexadecylamine (HDA, 90%), hexamethyldisilathiane (TMS2S), trioctyl phosphine
(TOP, 90%), diethylzinc (Zn 52.0 wt%) were purchased from Sigma-Aldrich (St. Louis,
MO) and used as received. Cadmium acetylacetonate (Cd(acac)2) and selenium shot (Se,
99.99%) were used as received from Strem Chemicals. Trioctyl phosphine oxide (TOPO,
98%) was obtained from Alfa Aesar and used as received. Poly(styrene-b-ethylene ox-
ide) diblock copolymer (PS-b-PEG, 9.5 kDa-b-5 kDa, Mw/Mn = 1.05) was purchased
from Polymer Source (Montreal, Quebec, Canada). Polystyrene homopolymers (Mn =
5 kDa, 13 kDa, and 26 kDa) were a kind gift from the Macosko group at the Uni-
versity of Minnesota. Poly(diethylaminoethylmethacrylate) (PDEAEM)/Pluronic F127
pentablock copolymers and Pluronic F127 were provided by the Mallapragada group at
Iowa State University. Polystyrene homopolymers (Mw = 98 kDa) were supplied by the
Cochran group at Iowa State University.
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6.3.2 CdSe-ZnS QD Synthesis
The quantum dots (QDs) used in this study, synthesized using the approach reported
by Clapp et al. [160] and Zhang et al. [189], included CdSe core-only and CdSe-ZnS
core-shell nanocrystals. Briefly, during core synthesis, Cd precursor (Cd(acac)2) and
Se precursor (1 M TOP:Se) are quickly injected into a three-neck flask which contains
TOP, TOPO, and HDA at high temperature (∼350◦C) under dry N2 atmosphere. The
precursors quickly decompose and spontaneously nucleate CdSe nanocrystals which con-
tinue to grow until the temperature is appropriately lowered (<150◦C). After annealing
overnight (∼80◦C), the cores are centrifuged to remove excess unreacted precursors. To
protect the core from oxidation and passivate the surface, CdSe cores can be overcoated
with multiple ZnS layers (typically ∼4-5 layers) using diethylzinc and TMS2S as pre-
cursors. The calculated amount (depending on the size of the core and the number of
layers desired) of zinc and sulfur precursors are slowly added (0.4 mL/min) to the flask
containing TOPO and CdSe cores at relatively low temperature (∼150◦C) through a
gas tight syringe where the flow rate is accurately controlled by a computer controlled
syringe pump. Once the addition is complete, the core-shell QDs are cooled to ∼80◦C
and again allowed to anneal overnight under an N2 atmosphere.
6.3.3 Encapsulation Method I (particles <300 nm in diameter)
The first method produces the smallest particles and largely follows the original mix-
ing protocol for the multi-inlet vortex mixer (MIVM) described in previous reports [235].
Methanol (anti-solvent) was added to QDs stored in their growth solution to precipi-
tate the nanocrystals and remove excess TOP and TOPO ligands. This was followed
by centrifugation where the supernatant was discarded and the remaining precipitated
QDs were dried with N2. Dry QD powders were weighed and dissolved into THF to a
final concentration of 10 mg/mL. The specific feed arrangement of the four inlets of the
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MIVM is shown in Figure 6.3. For the 1:9 solvent-to-nonsolvent ratio (S:NS) case, two
streams (streams 1 and 3) delivered a total of 45 mL of water (nonsolvent, NS), stream
2 flowed 5 mL of THF (solvent, S) with 20 mg of dissolved QDs, and stream 4 flowed 5
mL of THF with 30 mg of dissolved block copolymer. The ratio of solvent to nonsolvent
was 1:9 (S:NS = 1:9) to ensure supersaturation conditions and rapid nanoprecipitation.
The flow rates of streams 1 and 3 were 70 mL/min, while that of streams 2 and 4 were
7.8 mL/min. In the 1:1 S:NS case, the delivered volumes were matched at 5 mL in
all four streams. The flow rate of each stream was controlled by a syringe pump. All
four streams were set to start and stop simultaneously. The product stream leaving
the MIVM was collected in a vial where samples were later characterized by a Malvern
Zetasizer Nano-ZS90.
Figure 6.3 Encapsulation Method I using MIVM (<300 nm mean particle
diameter).
6.3.4 Encapsulation Method II (particles 300–500 nm in diameter)
The scheme of Encapsulation Method II is shown in Figure 6.4. This protocol employs
the CIJM and MIVM in series such that QDs form self-aggregates in the CIJM followed
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by encapsulation by polymer in the MIVM. The protocol was found to produce a larger
average diameter than Method I. The outlet of the CIJM was connected to one of the
inlets of the MIVM with a very short section of tubing (approximately 1 inch in length).
Stream 1 delivered 5 mL of THF with 20 mg QDs and 8 mg of dissolved homopolymer.
Stream 2 delivered 5 mL of water. Stream 3 (outlet) delivered resulting QD aggregates
that formed by mixing in the CIJM; this stream was then delivered to an inlet port of
the MIVM via the short tubing. Two symmetric streams which contained 5 mL of water
each (streams 4 and 6) were mixed with stream 3 containing 5 mL of THF with 30 mg
of dissolved diblock copolymer (stream 5) in the central mixing chamber of the MIVM.
The flow rates of all four inlet streams were identical (22.4 mL/min). The QD-embedded
nanoparticles formed in the MIVM were collected in a vial containing 90 mL of ultrapure
water to suppress post-mixing Ostwald ripening.
6.3.5 Encapsulation Method III (500–800 nm)
The procedure of Encapsulation Method III is conceptually similar to Method II
where QDs are allowed to form self-aggregates in the CIJM. However, rather than con-
necting the two reactors with short tubing, the product stream from the CIJM (stream
3 in Figure 6.5) was first collected in a vial, allowed to settle for a prescribed amount of
time (as determined from preliminary calibration tests), and later pumped into the sec-
ond mixer as an inlet stream where QD aggregates were overcoated and stabilized within
block copolymer. The composition of all six streams using this method was identical to
Method II.
6.3.6 Size and Size Distribution Measurement
The mean size and size distribution of these QD-embedded nanoparticles produced
by the micromixers were measured by dynamic light scattering (DLS) using a Malvern
Zetasizer Nano-ZS90. The intensity correlation curve was collected at 25◦C at a scatter-
118
Figure 6.4 Encapsulation Method II using CIJM (first mixer) and MIVM
(second mixer) (300-500 nm mean particle diameter).
ing angle of 90◦. The Z-average sizes and polydispersity indices (PDI) were determined















where A is the amplitude, B is the baseline value at infinite time, q is the known scat-
tering vector, τ is the delay time, D the particle diffusion coefficient, k the Boltzmann
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Figure 6.5 Encapsulation method III using CIJM (first mixer) and MIVM
(second mixer) (500-800 nm mean particle diameter).
constant, T the absolute temperature, η the viscosity of the medium, and RH the hy-
drodynamic radius. The hydrodynamic size extracted using this method is an average
value, weighted by the particle scattering intensity. The cumulant size is defined as
the Z-average size. The polydispersity index (PDI) from the cumulants algorithm is
representative of the width of the hypothetical monomodal distribution, so a large PDI
can indicate either a wide distribution or a multi-modal distribution. For PDI over 0.5,
i.e., multimodal samples, Z-average sizes are no longer considered useful for describing
general particle size characteristics.
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6.3.7 pH Stability of QD-embedded Nanoparticles (Pluronic F127)
QD-embedded nanoparticles used in pH stability experiments were generated using
encapsulation Method I where QDs were embedded in Pluronic F127 copolymer. The
fluorescence intensity of QD-embedded nanoparticles in varying pH buffers was measured
by a Fluoromax-4 dual monochromator spectrofluorimeter (Horiba Jobin-Yvon). Buffers
of varying pH were prepared by adjusting the ratio of 0.2 M sodium phosphate to 0.1 M
citric acid.
6.4 Results and Discussion
6.4.1 Parametric Effects on Particle Size
Parameters that can affect the particle size and PDI include reactor configuration,
flow rate of each stream, the ratio of solvent to nonsolvent, type of block copolymer and
the presence of homopolymer.
As Figure 6.2(a) shows, the MIVM has four inlets and one outlet from the center of






where ui is the velocity of i
th inlet stream, d is the diameter of mixing chamber, νi is
the kinematic viscosity of ith inlet stream, and N is the total number of inlet streams
(N = 4 in this mixer). The inlets are oriented tangential to the central mixing chamber
so that the momentum of each inlet stream can be varied independently. The effective
Reynolds number is defined as a linear combination of the individual stream conditions.
The particle size is found to be independent of flow rate once the Re is above 1600 in
this particular reactor suggesting that Re > 1600 is sufficient for homogeneous mixing.
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A low Re will produce larger particles but a broader PDI [242].
Figure 6.2(b) shows the design of the CIJM, which has two inlets and one outlet.





where ρ is the density of the mixed stream, u is the inlet velocity, l is the hydraulic
diameter, and µ is the viscosity of the stream. Compared to the design of the MIVM,
the CIJM requires equal momenta in both inlet streams. A Reynolds number above
500 ensures homogeneous mixing [243, 244]. These two reactors produce characteristic
mixing times on the order of milliseconds to achieve flash nanoprecipitation.
The general scheme of flash nanoprecipitation is shown in Figure 6.1. An inlet stream
containing organic solvent (THF) with dissolved hydrophobic QDs and block copolymers
collides with a second stream, consisting of ultrapure water, in a confined volume (mix-
ing region). During mixing, the hydrophobic QDs and copolymers precipitate out of the
newly formed solution due to the presence of water which instantly imposes a supersatu-
ration condition for the dissolved hydrophobic species. Simultaneously, the hydrophobic
segments of the polymers immediately bind to isolated QDs and QD aggregates to form
micelles where the hydrophilic blocks extend into the aqueous solution. The mixing time
is required to be much shorter than the micellization time of block copolymer to realize
flash nanoprecipitation. The design of the CIJM and MIVM units meet this requirement
given adequate flow rates [2, 236].
Table 6.1 shows the effect of solvent-to-nonsolvent ratio and copolymer type on par-
ticle sizes. Decreasing solvent-to-nonsolvent ratio reduces the solubility of hydrophobic
QDs. As a result, the supersaturation value is increased in the solvent mixture and
therefore the particle size is decreased [49]. The MIVM is used to generate the small-





Figure 6.6 Chemical structure of (a) pentablock copolymer; (b) Pluronic
F127; (c) Poly(styrene-b-ethylene oxide) (PS-PEG).
requires different flow rates of the inlet streams. The block copolymer composition and
molecular weight can also affect the particle size owing to variable length of the hy-
drophilic and hydrophobic blocks. Pluronic F127 (structure is shown in Figure 6.6(b)
is a difunctional block copolymer surfactant terminating in primary hydroxyl groups.
Relatively nontoxic, it has recently been found to be temperature responsive and effec-
tive for drug and gene delivery [245]. The pentablock copolymer (structure is shown
in Figure 6.6(a)) used in this study is a unique functionalized derivative of Pluronic
F127. It has triblock Pluronic F127 as its core where symmetric terminal blocks con-
sist of poly(diethylaminoethyl methacrylate) (PDEAEM). The tertiary amine groups
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of PDEAEM are functional cationic segments that confer hydrophilicity at neutral pH
and have been used previously in gene delivery experiments to electrostatically con-
dense DNA and facilitate DNA release from endosomes post-uptake via the proton
sponge effect [177]. Poly(styrene-b-ethylene oxide) (PS-b-PEG, structure is shown in
Figure 6.6(c)) is a simple diblock copolymer which has polystyrene as the hydropho-
bic block and polyethylene glycol as the hydrophilic block; likewise, this polymer also
has low toxicity and is compatible with biological applications. These three varieties of
block copolymers are not only capable of stabilizing hydrophobic QDs in water, but also
potentially serve as carriers to deliver QDs into cells.
PS(9.5k)-PEG(5k) PS(9.5k)-PEG(5k) Pluronic F127
(S:NS=1:1) (S:NS=1:9) (S:NS=1:9)
Polydispersity 0.245 0.024 0.086
Z average size (nm) 304 278.1 183.8
Table 6.1 Parametric effect on particle size.
6.4.2 Mixer Effect on Pentablock Micelles
The pentablock copolymer used in this study forms micelles spontaneously in water at
concentrations above the critical micelle concentration (CMC). Figure 6.7 and Table 6.2
show that the size distribution of pentablock micelles (PBM) formed by the MIVM
(Figure 6.7(b)) is much narrower than micelle size distributions formed without the
mixer (Figure 6.7(a)), highlighting an advantage of using this system. However, after
six hours the PDI of PBM increased substantially due to the reorganization of micelles
as shown in Figure 6.7(c). When mixed with hydrophobic QDs, the stability of QD-
embedded PBM was greatly improved (Figure 6.8). The hydrophobic QDs are thought
to behave as stabilizing agents that maintain the structural integrity of the micelles.
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PBM PBM PBM
(w/o mixer) (w/ mixer) (w/ mixer) 6 hrs
PDI 1.00 0.304 0.511
Z average size (nm) 1887 251 227.6
Table 6.2 Mixer effect on pentablock.
6.4.3 Encapsulation Methods I-III
In order to obtain a wide range of nanoparticle sizes, we designed three different
encapsulation methods. The first method uses the MIVM to obtain the smallest particles
(diameters <300 nm). Because it allows different momenta (i.e., flow rates) in each
stream, a higher ratio of nonsolvent to solvent can be used. Although a lower ratio
of nonsolvent to solvent leads to larger particles, there is an upper size limit around
200 nm. The small mixer volume and associated residence time of the MIVM significantly
limits the size of QD aggregates and encapsulated particles. This limitation led to the
second method which uses the CIJM and MIVM in series where a short tubing segment
connects the two mixers. Equal volumes of THF (containing QDs and water), were
pumped into the CIJM to form aggregates where they were subsequently sent to the
MIVM for stabilization by block copolymer. The tubing connecting the two mixers
was kept as short as possible to limit exposure to non-turbulent flow and suppress
non-ideal aggregation conditions between mixer stages. This method provides QDs
additional time to form aggregates, and consequently leads to larger particles following
stabilization by polymers. As expected, increasing the tubing length between mixers
increased the particle size as Table 6.3 shows, however this also increased the PDI. It
therefore is not an ideal method for generating larger diameter particles (∼500 nm) unless
the inevitably increased polydispersity is not a concern. Interestingly, it was discovered
that the addition of hydrophobic homopolymer (polystyrene) into the nonsolvent stream
can not only increase the mean particle size but also preserve narrow size distributions
(Table 6.3). In general, longer hydrophobic chains resulted in larger particles. The
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second encapsulation method was used to produce particle sizes up to 500 nm. To allow
QDs an even longer aggregation time, a third method was used. Rather than using
short tubing to connect the two mixers, the QD aggregates exiting the CIJM was first
collected in a small vial and then pumped into the MIVM after a prescribed delay time
(5-10 minutes). The precise time was determined beforehand by measuring the size of
QD aggregates formed by the CIJM mixer at different time points. The variable delay
time is ultimately limited by Ostwald ripening effects which serve to deteriorate the
narrow size distribution. Critical parameters that led to larger particles sizes including
equal amounts of solvent and nonsolvent and 98 kDa added polystyrene homopolymer
were applied using this method. Under these optimized conditions, particles having
mean diameters up to 800 nm were achievable using this approach (Figure 6.9).
PS-PEG/QD
PS-PEG/QD (longer tubing PS-PEG/QD/26 k PS PS-PEG/QD/98 k PS
connector)
PDI 0.247 0.442 0.089 0.124
Z average
322.2 448.9 314.1 533.9
size (nm)
Table 6.3 Size of QD-embedded nanoparticles using Encapsulation Method
II. Each run in this table used PS (9.5 k)-b-PEG (5 k), sol-
vent:nonsolvent = 1:1 (CIJM).
6.4.4 Characteristics of QD-Embedded Nanoparticles
One potential concern of this method is that QDs can aggregate inside micelles in such
a way that would induce undesirable effects such as self-quenching, spectral broadening,
and wavelength shifting [15]. Figure 6.10 shows the comparison of emission spectra of
free QDs in THF and QD-embedded nanoparticles (Pluronic F127) in water. The pho-
toluminescence (PL) of QDs decreased only slightly after being stabilized in Pluronic
F127 copolymer, which indicates that individual QDs maintain sufficiently large inter-
particle distances due to the hydrophobic block of the copolymer. More surprisingly, the
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emission spectrum of QD-embedded nanoparticles was even narrower than that of freely
dispersed QDs in solution. Another interesting finding is that the quenching effect can
be greatly reduced by incorporating homopolymer into the polymer micelles with QDs;
the molecular weight of the added homopolymer was inversely related to the observed
quenching. As Figure 6.10 shows, the PL intensity of QDs in the presence of 13 kDa
polystyrene exhibited less quenching than particles having 5 kDa polystyrene. Regard-
less, both homopolymers were capable of reducing quenching because their association
with QDs isolates them within the hydrophobic core of the micelle. This is demonstrated
by size measurements as shown in Table 6.4. Incorporating QDs with homopolymer in-
creases the size of the nanoparticles which is consistent with the hypothesis above where
QDs have an increased average interparticle separation distance.
F127/QD F127/QD/5 k PS F127/QD/13 k PS




Table 6.4 Size of QD-embedded nanoparticles using Encapsulation Method
I. Each run in this table used Pluronic F127, solvent:nonsolvent
= 1:9 (MIVM).
Another common concern with water-soluble QDs is their pH stability, especially in
acid conditions. Most reported methods for generating water-soluble QDs do no pro-
duce nanoparticles that are stable in acidic solutions which limits their suitability for
certain biological applications. In the case of our QD-embedded polymeric nanopar-
ticles, the stabilizing block copolymer offers QDs improved solubility and pH stability
(Figure 6.11). These nanoparticles show excellent stability over a wide range of pH
values. As Figure 6.11 shows, even in a pH 3 buffer, QD luminescence is preserved.
One of the most appealing applications of QDs is as an energy donor for fluorescence
resonance energy transfer (FRET) applications. Due to the high surface area-to-volume
ratio of QDs, multiple biomolecules may be conjugated to a single QD which can greatly
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increase the overall FRET efficiency [81]. Although hydrophobic QDs are well-protected
by copolymer, they are still apparently accessible to biomolecules such as peptides dis-
persed in solution. Figure 6.12 shows the composite emission spectra of QD-embedded
nanoparticles (QD-F127) with an increasing number of Cy5 labeled peptide per QD. As
shown, the decreased PL intensity of QDs and increasing Cy5 emission with an increas-
ing number of peptides clearly demonstrates FRET between QDs and the Cy5-labeled
peptide.
To evaluate the fluorescence intensity of a single particle, we examined samples us-
ing total internal reflection fluorescence (TIRFM) microscopy with a Nikon 60× TIRF
objective (having a numerical aperture of 1.49). Excitation of the sample was achieved
using a variable power diode laser system (Blue Sky Research, λex = 442 nm, 45 mW).
The image was captured by a Photometrics CoolSNAP HQ2 CCD camera as shown in
Figure 6.13. The QD-encapsulated particles are monodisperse and extremely bright. No
emission intermittency or “blinking” was observed in these samples indicating that most
of the hydrophobic QDs (>99%) were successfully encapsulated into polymer micelles.
A scanning electron microscopy (SEM) image shows the shape of these QD-embedded
nanoparticles (Figure 6.14), however some morphological changes from the native solu-
tion are expected due to the processing steps required for SEM. Transmission electron
microscopy (TEM) could be used to image the embedded QDs due to their high contrast,
however it is difficult to determine the actual number of QDs due to projection of the
three-dimensional structure to a two-dimensional image.
One of the most appealing applications for these QD-encapsulated nanoparticles is
optical barcoding, which exploits the superior optical properties of QDs [15]. As a proof
of concept, we generated polymer particles via flash nanoprecipitation having roughly
the same ratio of green-to-red QD peak signal intensity (as measured by a fluorimeter)
adjusting for differences in extinction coefficient at the excitation wavelength (488 nm)
and fluorescence quantum yield achieved through trial-and-error. These particles were
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then adsorbed from an aqueous solution onto a clean glass coverslip and imaged us-
ing TIRF microscopy as excited by the 488 nm line of an Ar-ion laser. Figure 6.15
reveals relatively similar spot intensities for individual particles as imaged using corre-
sponding green and red emission filters. Small intensity differences were observed for
co-localized spots in the green and red channels which were attributed differing optical
filter bandwidths. In an ideal case, the filters would be optimized for the two signals and
have equivalent intensities which are consistent with the ensemble measurements from
the fluorimeter. A composite overlay of the green and red signals is shown in the Fig-
ure 6.15(c) where overlaid spots appear yellow indicating location registry between the
channels. These images show the potential of this technique for generating a wide range
of optically barcoded particles where the signals between particles within a particular
population are consistent. However, a more thorough quantitative analysis is required
to determine the variance in signal within the population. In our future work, we will
use laser scanning confocal microscopy (LSCM) to generate a more rigorous quantitative
analysis of the colloidal barcodes and determine the number of achievable orthogonal
channels.
6.5 Conclusions
With the aid of a micromixer system, we have demonstrated a new and simple method
that uses flash nanoprecipitation to generate QD-embedded nanoparticles having tunable
mean size (∼90-800 nm) and narrow size distributions. We have examined numerous
parameters including solvent-to-nonsolvent ratio, block copolymer composition and size,
and homopolymer additives which collectively contribute to the final particle size distri-
bution. We were able to preserve the initial bright photoluminescence of QDs following
internalization through the addition of hydrophobic homopolymers. The nanoparticles
produced by this micromixer-based technique are monodisperse, stable over a wide range
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of pH, and capable of FRET interactions upon exposure to dye-labeled molecules in so-
lution. The block copolymers used to incorporate QDs are all nontoxic, biocompatible,
and can have biofunctional surface functional groups which make this method appealing
for biological applications.
To further extend the size range (mean diameters larger than 1 µm), we will likely
have to slow the initial QD aggregation rate until they can be stabilized by copolymer
condensation. Therefore, our future work will examine the QD surface ligand chemistry
effect on particle size. The change of QD hydrophobicity will lead to variations in
the supersaturation condition, which has a pronounced effect on the final size of QD-
embedded nanoparticles.
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Figure 6.7 Effect of MIVM on pentablock copolymer micelle size. (a) Dis-
solved pentablock in water (no mixer). (b) Forming pentablock
micelles (PBM) using the mixer. (c) Pentablock micelles formed




Figure 6.8 QDs effect on pentablock micelle. (a) Size distribution of
QD-embedded PBM (PDI = 0.113). (b) Size distribution of
QD-embedded PBM after one day (PDI = 0.078).
Figure 6.9 Size distribution of QD-embedded nanoparticles using encapsu-
lation method 3 (PDI = 0.445).
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Figure 6.10 Comparison of emission spectra of free QDs in THF, QD-em-
bedded nanoparticles using Pluronic F127 (QD-F127), and par-
ticles with homopolymer (5 kDa, 13 kDa polystyrene) in water.
Figure 6.11 Emission spectra of QD-embedded nanoparticles (Pluronic
F127) in various pH buffer solutions.
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Figure 6.12 Composite emission spectra of QD-embedded nanoparticles
(QD-F127) as a function of the number of Cy5-labeled pep-
tides per QD (λex = 430 nm).
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Figure 6.13 False-color fluorescence image of QD-embedded polymeric
nanoparticles (Pluronic F127 and 605 nm emitting CdSe-ZnS
QDs) acquired using total internal reflection fluorescence mi-
croscopy (TIRFM) at 100× magnification. Scale bar = 1 µm.
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Figure 6.15 Images of polymer microparticles (∼250 nm mean diameter,
100× magnification) containing a mixture of green and red
emitting TOP/TOPO-capped CdSe-ZnS QDs. Images were
taken in TIRF mode using 488 nm excitation and relevant fil-
ter sets. The exposure time for each channel was identical at
300 ms. (a) green channel, (b) red channel, (c) composite false




Due to the superior optical properties of quantum dots (QDs), they are now popularly
used in many biological applications. The water-soluble QDs made with existing cap
exchange approaches generally have poor stability and low quantum yield which limit
their applicability. We designed a new group of ligands based on dithiocarbamate (DTC)
chemistry to maintain QDs native high photoluminescence while offering them aqueous
disperstiy. We then evaluated the performance of these novel QDs in bio-applications
including molecular sensing and cellular targeting.
Chloroquine (CLQ) is known to enhance the transfection efficiency in many systems
but the mechanism is yet to be understood. To recognize the role of CLQ may be
helpful for designing high efficient vectors. By exploiting the special interaction among
QDs, CLQ, DNA and pentablock, we were able to monitor the effect of CLQ on the
dissociation of polyplex (a complex formed by DNA and pentablock) without labeling
the polymer or DNA with another fluorophore.
One main application of QDs is their use as biosensors for observing biological pro-
cesses. This creates a need for specifically targeted QDs toward particular tissues or
cellular structures. Enzymatic activities of proteins in the cell membrane have drawn
more attention due to their implied involvement in cancer invasion and metastasis. One
of the major requirements of such a biosensor would be high affinity to the plasma-
membrane. The flexibility of DTC chemistry makes it easy to attach lipid-like molecules
directly to QD surface. The hydrophobicity of QDs can be adjusted by tuning ratio
of reactants. We then assessed their cell membrane affinity using flow cytometry and
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total internal reflection fluorescence imaging. The tissue affinity was investigated using
immune-histo staining of frozen tissue sections. We found that the membrane affinity
could be greatly enhanced with the help of lipid-like molecule and affected by the surface
charge of QDs.
Encapsulating QDs into microspheres or nanobeads is able to extend QDs appli-
cations to light-matter interactions, semiconductor microlasing and optical barcoding.
The existing methods commonly suffer from low loading capacity, broad size distribu-
tions, and the loss of photoluminescence intensity. We therefore developed a simple and
fast way to generate tunable sizes of QDs embedded nanoparticles based on a technique
called flash nanoprecipitation. Due to the homogeneous mixing of the micromixers, the
synthesized particles have very narrow size distributions and QDs are well protected
inside the block copolymers without losing their high luminescence intensity.
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APPENDIX A ADDITIONAL FIGURES
Figure A.1 The number of freeze-thaw cycles affects QD binding
to cells: Cell binding was measured with flow cytometry as in
figure 5.2 and 5.3. The background subtracted mean fluores-
cence of cells treated with various doses of HDA-Lys-QD for 30
minutes is shown after 1-3 freeze-thaw cycles.
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Figure A.2 Ligand surface affects QD fluorescence: Fluorescence was
measured using a cuvette fluorometer on each day the flow cy-
tometry was conducted. Mean background substracted fluores-
cence is shown for all six ligand coats (N > 5). Error bars
represent 95% confidence intervals.
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